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ABSTRACT
The impact of the continuous pollution of freshwater environments by multiple pollutants
has not been well-studied. The goal of this research was to evaluate the toxicity of several
modern pollutants in a model environment. The prokaryotic, unicellular blue-green algae
Synechocystis WT6803 and the eukaryotic, multicellular Utterbackia imbecillis mussel larvae
were studied along with Suwannee River natural organic matter (NOM).
The toxicity response of the blue-green algae Synechocystis sp. was measured through
changes in growth rates. The inorganic pollutant silver nanoparticles (0.044 µM) were toxic.
Gold nanoparticles did not affect the growth rate. The addition of 15 mg/L NOM partially
inhibited the toxicity of silver nanoparticles. Silver nanoparticles that were synthesized and
capped with NOM were not toxic, thus the nanomaterial surface and composition influenced its
toxicity. The organic pesticide norflurazon reduced the growth rate. The combination of 0.044
µM silver nanoparticles and 20 µM norflurazon with NOM had an antagonistic effect. However,
the combination of 0.044 µM silver nanoparticles and 10 µM norflurazon in NOM had a
synergistic effect. Using different chemically modified NOM, it was determined that the lipid
components reduced the toxicity of norflurazon, the aromatic and carbohydrates enhanced the
growth rate, and the aromatic moieties influenced antagonistic/synergistic interactions. The
growth rate was not affected by the presence of 0.4 mg/L multi-walled carbon nanotubes and 15
mg/L NOM. No toxic effects were again observed when carbon nanotubes and 20 µM
norflurazon were combined with NOM, indicating that the toxicity of norflurazon was inhibited
by carbon nanotubes. Sonicated carbon nanotubes were more toxic the longer they were
sonicated.

ix

The toxicity response of U. imbecillis mussel larvae to various pollutants was measured
via basic standard viability testing and in vivo 31P NMR, a non-destructive technique that
provides intercellular information. The internal cellular response to pollutants was measurable
using 31P NMR over the course of time. The results for the viability tests were comparable to
changes in the chemical peak shift changes for the inorganic phosphate peak for the pesticide
atrazine, silver nanoparticles, and higher ionic strength conditions. 31P NMR is a promising
technique for toxicological studies for this organism.

x

CHAPTER 1. INTRODUCTION

Water is the basis for all known life, so it is not surprising that water is one of the earth’s
most precious natural resources. It is also a limited resource; based on the current demand for
water, it has been projected that in 2030 only 20% or less of the world’s population will have a
surplus of water and at least a third of the population will have a deficit of at least 50% 1. Water
is not only essential for human hydration, but for food production as well, such as crop irrigation
and meat production. Fresh water accounts for about 2.5% of water on this planet and, out of that,
0.3% is easily accessible in surface waters such as lakes and rivers2. Despite these low numbers,
large amounts of fresh water are used for processes that do not directly support human life: e.g.,
over half of the freshwater usage in the United States is in power plants as an industrial coolant3.
Usage of water as a cleansing agent (i.e., for washing) is another way that fresh water is used but
is not consumed by a living organism. In addition, there has been an increased release of
pollutants into surface waters over the past 65 years that is potentially contaminating the limited
supply of freshwater2. The availability of potable water will become increasingly important in
the future if the misuse of freshwater is not contained.
Water is vital to many other living organisms that live on this planet, such as plants,
animals, and microbes. Many animals are also dependent upon freshwater and typically obtain it
from surface waters. The availability and condition of surface waters varies based on
environment, and consequently, the chemical make-up. In the natural environment, water is
rarely pure H2O. Water’s chemical composition is dependent upon many factors including: (i)
the local geochemistry of the land, such as the amount and type of geological weathering and
solubility of minerals and salts; (ii) the local climate, such as the presence or absence of humidity
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that determines evaporation rates; (iii) gas inputs and releases at the air-water interface; (iv)
outside water inputs from precipitation and land drainage; (v) biological inputs, such as
biological waste products and decaying organisms; and (vi) biological uptakes, such as nutrients
or oxygen2. The last factor (biological inputs) is particularly important, since it decays and
contributes to what is called natural organic matter.
1.1

Natural Organic Matter
Natural organic matter, or NOM, is one of the key players in many environmental

processes, both on land and in water. NOM is made up of decaying and decayed plant, animal,
and microbial matter4. NOM can be found in nearly every environment on Earth, from swamps
and forest soils to the oceans and the arctic ice cap4-5. NOM’s composition is the result of the
death of carbon-based life forms and, in turn, also enhances life. Many natural processes are
dependent upon NOM due to its varied chemical functionalities – e.g., pH buffering, nutrient
uptake and release, UV-ray absorption, and the complexation of metal ions4. Thus, NOM is an
intrinsic part of the natural world.
1.1.1

NOM Composition and Structure
NOM is a polydisperse and heterogeneous mixture of chemically diverse organic

molecules and is primarily derived from degraded plant matter4. As such, it is mostly composed
of the basic elements found in carbon-based life forms, C (45-64%), O (31-46%), H (3.2-5.7%),
and N (0.6-3.8%), with some S (0.3-1.3%) and trace amounts of P (<0.01-0.6%) 6. Plant
components include (i) proteins, particularly those used for light-harvesting and energy
transformation (i.e. photosynthesis); (ii) cellulose/carbohydrates, primarily found in cell walls,
stored starches, and vascular tissue (e.g., lignins); and (iii) waxes such as cutans and cutins that
serve as a protective barrier on plant surfaces4. Photosynthetic protein complexes are largely
2

aromatic, most of which contain the porphyrin molecule chlorophyll and utilize quinones, in
order to capture and transform as much energy as possible7. Lignins are also highly aromatic. It
is, therefore, not surprising that NOM is highly aromatic, as indicated by its yellow-brown color4.
Some of the aromaticity is also due to degradative processes like oxidation, microbial and
photodegradation4. The wide chemical diversity found in biological systems is the origin of the
multifaceted chemical functionalities and properties of NOM (Figure 1.1), from hydrophobic
moieties to hydrophilic moieties that bind and release water and nutrients as well as buffer pH4-5.

Figure 1.1 Hypothetical structure of natural organic matter8
It was originally believed that NOM was made up of large macromolecules of
approximately 20,000-50,000 Da in size. However, recent investigations by other research
groups have demonstrated that NOM, or, more specifically, humic substances, is more likely
composed of weakly associated molecular assemblies (WAMAs) ranging from 200-6100 Da 9.
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NMR results demonstrated the close association of alkyl-bonded methyls with aliphatic and Oalkyl components, as well as a connection between O-methoxy and aromatic components, as
commonly found in lignins10. Additional research by our group11 demonstrated that the
molecular assemblies in NOM rearranged upon wetting, with the O-alkyl components migrating
to the surface of the WAMAs and the more hydrophobic aromatic components migrating away
from water to the interior, forming a hydrophobic core.
1.1.2

Aquatic NOM
NOM composition varies with its origin; peat and coal are some examples of terrestrial

sources; aquatic sources include swamps, lakes, rivers, marshes and oceans12. Terrestrial sources
of NOM tend to have more aromatic and aliphatic content than aquatically-derived NOM6, 12.
NOM in aquatic environments exists both in the sediment at the bottom of a body of water and
dissolved/suspended in water; aquatic NOM typically refers to dissolved NOM. Not surprisingly,
aquatic NOM tends to be more polar than terrestrial NOM based on its components7. The sources
of NOM in aquatic environments are both exogenous and endogenous. Terrestrial NOM from
soils can be introduced into aquatic systems from water run-off into lakes and rivers, and from
there into oceans. Approximately 2 × 108 tons per year is the estimated quantity of organic
carbon (OC) transported to the oceans13. Aquatic NOM is also formed in bodies of water,
particularly swamps and marshes, by the degradation of plants living in those ecosystems as well
as degraded microbial matter5a. The humification of dead plant and animal matter occurs via
microbial degradative processes until the organic matter becomes recalcitrant (i.e., nondegradable).
Since the focus of the research presented in this thesis is aquatic ecosystems, the
following discussions of NOM will be centered on aquatic (freshwater) NOM. The units of
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concentration for NOM in solution are typically measured in mg of OC per L, not molar, due to
the high level of molecular complexity of NOM. Concentrations of NOM in aquatic
environments range from 0.5 – 100 mg OC/L 13. Typical OC concentrations are as follows:
groundwater, 0.7 mg/L; river water, 7 mg/L; lake waters, 2-12 mg/L; marsh, 17 mg/L; bog water,
33 mg/L 12.
For the studies presented in this dissertation, the aquatic NOM used was Suwannee River
NOM (SR-NOM), which is a reference material obtained from the International Humic
Substances Society. Suwannee River water is collected from a sill at the beginning of the
Suwannee River (Georgia, USA) from where it commences its flow out of the Okefenokee
Swamp. The water from the dark brown river is acidic and contains high concentrations of NOM
(25 – 50 mg OC/L). Suwannee River NOM is mostly made up of decomposed swamp vegetation,
although there are several peat deposits in the swamp vicinity14. Since Suwannee River NOM is
taken directly from a natural body of water, it must be separated from water and other
components present such as partially degraded plant matter and minerals. Suwannee River NOM
is first pre-filtered, then isolated by reverse osmosis, and finally water is removed through
freeze-drying6. The advantages of using this commercially available source is first that it is wellcharacterized and easy to obtain, thus there is little variability in the samples. Consequently,
these benefits mean that SR-NOM is commonly used in many environmental studies, which is
important for the scientific community since it allows for comparability between studies.
1.1.3

Characterization Techniques for Aquatic NOM
Characterization of aquatic NOM is not straightforward due to its high level of

complexity. Early characterization of NOM and humic substances (HSs) involved fractionation
based on aqueous solubility at different pHs (namely acidic). Humin is the fraction that is
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insoluble at all pH conditions, humic acid is only soluble at pH conditions greater than 2, and
fulvic acid is soluble at all pH conditions4. Within aquatic NOM, the fraction that solubilized is
called dissolved organic matter, or DOM. Naturally, the majority of it is fulvic acid which is
responsible for most of the coloration5a, 15. Most of the chemical reactivity of organic matter in
aquatic ecosystems is due to DOM. DOM can act as both an electron acceptor and donor, and
can thus participate in redox reactions13. DOM complexes metals, thus affecting the transport
and bioavailability of metals4. Since at least 2/3 of DOM is humic and fulvic acids, it also serves
to control pH 12. DOM is usually obtained through the filtration of water samples, thus removing
any insoluble components and microbiota, as mentioned above for SR-NOM12.
Direct characterization of aquatic NOM is usually accomplished through fluorescence
and total organic carbon (TOC) measurements. Fluorescence measurements usually provide
information on the types of fluorescent moieties present in the sample when an excitationemission matrix (EEM) is collected for a DOM sample and processed. Typical fluorophores
found in DOM are classified as oxidized quinone-like, reduced quinone-like, tyrosine-like,
tryptophan-like, and unknown components16. Other research groups have previously
characterized SR-NOM via fluorescence EEMs. Their results indicated that the humic acids in
SR-NOM were not similar to terrestrial humic acids, however, SR-NOM may be comprised of
terrestrial fulvic acids17. Other studies demonstrated a close similarity in the optical properties
between HSs and DOM with partially-oxidized lignins18. TOC measurements involve measuring
the total carbon (TC) and inorganic carbon (IC) amounts of a liquid or solid NOM sample with
the difference between the two quantities being the TOC value. These two types of
measurements have been used for comprehensive studies of DOM, coupled with UV absorbance
at 254 nm and dissolved nitrogen measurements, so that the following information can be
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obtained for a DOM sample: (i) microbial versus terrestrial input, (ii) degree of
oxidation/reduction, (iii) degree of aromaticity, (iv) recalcitrant (or refractory) nature, (v) degree
of humification, and (vi) freshness19. Studies conducted by our group correlated fluorescence
measurements, including data from a dual excitation model, with NMR data to obtain a more
complete picture of a local aquatic NOM20. Other studies conducted by our group include (i)
varying fluorophore lifetime measurements for humic acid fluorophores with respect to humic
acid composition; (ii) measuring the fluorescent changes when humic acid is chemically
bleached; and (iii) the development of techniques that minimize photobleaching in
multicomponent systems during fluorescent lifetime measurements21. Lifetime measurements of
fluorophores provide insight into biological processes such as energy transfer, fluorescence
quenching.
Solid state Ramp-CP MAS 13C NMR is an indirect technique as it requires solid
pulverized NOM samples, not liquid NOM samples as are typically collected when studying
aquatic NOM. Solid state 13C NMR is used to determine the type and relative amounts of the
different functional groups present in an NOM sample, such as alkyl/aliphatic, O-alkyl, N-alkyl,
aromatic, and carboxyl carbons22. Solid state NMR, contrasted to liquid state NMR, has
decreased resolution due to the restricted motion in the solid state. However, working in the solid
state has more advantages, such as shorter measurement times, no solvent present to affect the
measurements, and no possible rearrangements of NOM since there is no solution to allow
movement4. Solid state NMR will be discussed in more detail.
Additional characterization of NOM includes mass spectrometric (MS) analysis.
Electrospray ionization (ESI) has been used for MS analysis of NOM since it is a soft ionization
technique that volatilizes large ionic molecules and has been used for biological samples such as
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blood and urine due to its enhanced ability for molecular identification23,24. A study that used
capillary zone electrophoresis coupled with ESI-MS for SR-NOM demonstrated that the
electrophoretic mobility of components within NOM was greater for lower m/z signal ranges
(100-400 m/z) than for greater m/z signal ranges (1600-2000 m/z) 23. Additional ESI-MS studies
with HSs gave m/z signal ranges of 1000 and 2000 Da 25,26, whereas laser desorption MS gave
m/z of around 500 Da which may have been due to excessive fragmentation27. NOM has not
been extensively studied with MS because the analysis of molecules above 1 KDa is limited due
to incomplete ionization and over-fragmentation28.
1.1.4

Chemical Modification of NOM
Chemical modification of NOM, also called chemical editing, is used to change the

component profile of NOM through chemical removal. Some of the main techniques employed
result in a loss in either the lipid, carbohydrate, or aromatic components. This is useful in
determining the component of NOM responsible for the role it plays as an interface between the
pollutant and biomembrane.
As discussed previously, lipids found in NOM are thought to be mainly derived from
plant cuticlar materials such as cutins, inter-esterified omega hydroxy C16 and C18 acids, and
cutans, C16 to C36 hydrocarbons, that make up the protective waxy coating on plant aerial
surfaces which aids in plant respiration and protection. Lipid extraction is a standard procedure
that involves a basic Soxhlet extraction with a benzene:methanol azeotrope (3:1, v:v) 29, after
which the solvents are allowed to evaporate from the product.
The main sources of aromatic moieties in NOM are from plant pigments, amino acids
(mainly tyrosine and tryptophan), and lignins. Aromatic components are typically removed by
bleaching. Bleaching is accomplished by a procedure originally based on a method published by
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Wise and coworkers30 for isolating wood holocellulose. However, the synthesis was modified by
extending the reaction time from 1.5 hours to 3 days for application to humic substances. The
general procedure uses the repeated addition of NaClO2 and acetic acid to NOM over the course
of three days.
Acid hydrolysis is used to hydrolyze carbohydrates and peptide linkages. Carbohydrates
are found in lignins, celluloses, and starches, while peptides in NOM are derived from a wide
variety of plant and microbial cellular proteins. Acid hydrolysis breaks the carbon-oxygen
carbohydrate bonds and carbon-nitrogen peptide bonds. The hydrolysis procedure is based on an
acid reflux of NOM in 6M HCl 100.
1.2

Pollutants
Anthropogenic, or non-natural, pollutants in the natural environment are a byproduct of

human manufacturing of foods and goods. Although humans have been polluting the earth for
thousands of years, pollution awareness is a relatively modern thought, where freshwater
pollution has only been regulated since 1972 in the United States31. Pollutants can take many
different forms: some are simply additional amounts of compounds already present in the
environment, such as nitrates, that present a problem since they cannot be processed through
their natural cycles; and some are xenobiotic and do not have natural processes. Xenobiotic
pollutants may be degraded by biotic or abiotic processes, and the degradation products may be
either nontoxic or more toxic. Some xenobiotic pollutants are not degradable and are
environmentally persistent2. As demonstrated by Figure 1.2 below, pollutants can come from a
variety of sources – some are point sources that release higher concentrations of a pollutant at a
specific location, like industrial waste, and some are non-point sources where the released lower
concentrations are spread out over a larger region, like agricultural runoff.
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Figure 1.2 Main transportation routes of pollutants into aquatic environments32
The interaction of NOM and hydrophobic organic compounds (HOCs), particularly NOM
in soils and sediments, plays an important role in the fate and transport of HOCs in aquatic
ecosystems. NOM is mostly composed of hydrophobic components such as aromatic and
aliphatic moieties (23% and 27% of C, respectively, for Suwannee River NOM6) and thus readily
sorbs HOCs via van der Waals attractions. HOCs include many environmental pollutants such as
pesticides, pharmaceutical waste products, and crude oil products such as the toxic
polychlorinated biphenyls (PCBs) and the widespread pollutant polycyclic aromatic
hydrocarbons (PAHs). HOCs can be released into the environment through several different
ways: (1) sewage and wastewater, (2) leaching from landfills, (3) industrial waste (liquid or gas),
(4) road runoff and (5) agricultural runoff as Figure 1.2 illustrates.
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The studies presented here are focused on three xenobiotic pollutants: an organic
pesticide, and inorganic and organic nanomaterials. They represent some of the pollutants that
currently enter aquatic ecosystems.
1.2.1

Pesticides
Pesticides have been employed in agricultural practices for over 3000 years in order to

improve crop yield. The widespread use of pesticides, specifically organic pesticides, did not
begin until after the Second World War in the 1940’s. These pesticides, such as DDT, were
efficient, cheap, and did not appear to be toxic33. Since the start of the “pesticide era”, pesticide
use has increased by a factor of 5034. This increase in volume is particularly concerning for
pesticides that are environmentally persistent, such as the herbicide norflurazon that has a halflife of 90-130 days in soil and 240-2650 days in water35.
Although organic pesticides tend to have limited water solubility, they are transported by
NOM from agricultural fields via land runoff into neighboring waterways, such as rivers and
lakes36. This points towards the major role that NOM plays in many environments. NOM from a
range of environments, soil to aquatic, has been shown to interact with and sorb organic
pesticides4,36,37. The multiple chemical functionalities of NOM indicate the variety of chemical
interactions that it can have with organic pesticides, including: hydrogen bonding, van der Waals
forces, and π-π and hydrophobic attractions37,38. These interactions are not limited to simply the
attractive forces that drive pesticide sorption; NOM also has the potential to chemically alter
pesticides, such as forming covalent bonds or redox reactions37,38.
The mechanism by which NOM transports hydrophobic organic compounds (HOCs),
such as pesticides, to aquatic systems was proposed by our group11. NOM in a soil does not have
any particular chemical arrangement by molecular type, and so when a pesticide is applied to a
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field, it is free to interact with any type of component and preferentially partitions to alkyl groups
at first. When the soil has dried, it migrates to the O-alkyl/aromatic domains; then, upon wetting,
the pesticide will migrate with the hydrophobic aromatic component into the interior of the
WAMA and becomes entrapped. Once incorporated into this micelle-like WAMA, the pesticide
can be transported into runoff waters and miles away from its point of origin. This interaction is
not unique to soil NOM; hydrophilic fulvic acids, of which aquatic NOM is largely made up of,
are capable of sorbing, transporting, and potentially degrading pesticides4.
1.2.2

Inorganic and Organic Nanomaterials
Nanomaterials are used in an ever-widening number of applications, from construction to

drug delivery to antimicrobial socks, and is an industry expected to increase a hundredfold in
value from 2010 to 201539. Nanomaterials may represent the most recent pollutant threat to the
environment. The large-scale production of nanomaterials means that inevitably a percentage of
them (in the order of hundreds of tons) will enter into ecosystems, of which the effects upon
ecosystems are relatively unknown.
Nanomaterials can enter the environment by several means: industrial waste, leaching
from landfills, and intentional introduction for environmental remediation purposes. Industrial
waste is typically emitted to the environment via air particulate, which can either be transported
into the atmosphere or can fall onto surrounding lands and be incorporated into soils, and
wastewater, which enters into aquatic ecosystems such as rivers and lakes or into sewage. The
amount of nanomaterial-containing products in landfills will only continue to increase, as
additional uses will be found for nanomaterials in consumer and medicinal products. These
products can also be released to the environment through other means; for example, the release
of silver nanoparticles from clothes and laundry machines into sewage lines40, the release of
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aerosol nano-TiO2 contained in sunscreens, or the release of carbon nanotubes from tennis
rackets onto soil and thereby into rain run-off. The focus of this thesis is on the nanomaterials
that enter aquatic ecosystems, whether directly though industrial wastewater or indirectly from
land run-off.
The aquatic fate and transport of nanomaterials is dependent upon their water solubility.
Metal and metal oxide nanoparticles (NPs) can usually be suspended in water and have stable
colloidal suspensions if coated with a capping agent, whereas hydrophobic nanomaterials, such
as carbon nanotubes (CNTs), generally have low solubility and will aggregate. However, some
studies have demonstrated that nanomaterial suspensions are affected by organic components in
the environment, which can increase their solubility. Natural organic matter (or humic
substances) is particularly relevant to these interactions, as illustrated by a number of studies in
the literature. Examples of these studies include CNTs with NOM41 and gold nanoparticles with
NOM42. In the research conducted by Hyung and coworkers, Suwannee River NOM (SR-NOM)
stabilized the dispersion of multi-walled CNTs (MW-CNTs) greater than the traditional means of
using a detergent stabilization agent. They postulated that the enhanced stabilization may be due
to the amphiphilic characteristics of NOM, as well as the π-π interactions between nonpolar
aromatic groups of NOM and the MW-CNTs in conjunction with the charged carboxylic acid
functional groups. Nason and coworkers conducted experiments on citrate-coated gold
nanoparticles (Au NPs) that indicated that SR-NOM interacts with nanoparticle capping agents43
and that SR-NOM significantly reduced Au NPs aggregation at concentrations above 2 mg C/L.
The interactions between NOM and metals have been well-studied. Dissolved NOM has been
shown to complex metals44,12 and it affects metal speciation45. NOM, or more specifically, humic
acid, has been found to serve as a reducing agent for two metals – gold and silver – and can thus
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form these two types of metal nanoparticles in the environment46. The redox properties for NOM
and HSs have been previously studied though their electron carrying capacity (ECC)47. The
reducing components of NOM consist of three main groups that are responsible for the ECC of
NOM and include the aromatic energy-carrying quinone-like moieties, with either a nearby
electron-withdrawing group or donating group, and nonquinone-like moieties. It is thought that
the latter are responsible for the redox properties, particularly for the nanoparticle formation
mentioned above, since Au and Ag will preferentially bind to S-containing groups over Ocontaining groups and since reduced S-containing moieties, such as disulfides, reversibly cycle
to sulfoxides. N-containing nonquinone-like groups may also act as potential redox sites,
especially for aquatic NOM48,46a.
The wide variety of nanomaterial chemical compositions (carbon, metals, metal oxides),
sizes (1-100 nm) and shapes (spherical, rod-shaped, tubes) influence nanomaterial chemistry and
demonstrate the large breadth of the field as it relates to assessing the potential ecotoxicological
effects of nanomaterials39. In addition to this, nanomaterials may be degraded in the environment
through a variety of chemical and biological processes that may impact their bioavailabilities and
chemistries, and correspondingly, their toxicities49,50. Nanomaterial toxicity may be relatable to
size, as smaller nanomaterials are generally thought to be more toxic, most likely due to the
enhanced surface area:volume ratio. Also, nanomaterials, such as carbon nanotubes and
uncapped metal nanoparticles, easily aggregate which impacts their bioavailabilities.
Materials at the nano-scale do not necessarily have the same chemistries as their bulk
counterparts due to the significant difference in surface area:volume ratio and also that the
majority of the atoms are at the surface. For example, gold is typically considered to be
spectroscopically inactive and relatively chemically inert, however, in its nanomaterial form it
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has fluorescent properties and is not always nontoxic51. Two well-known phenomena occur with
nanoparticles in solution form (i.e. colloids): the Tyndall effect and Brownian motion. The
Tyndall effect is the scattering of light that occurs when the wavelength of light directed at a
sample is longer than the diameter of the nanoparticle39. Brownian motion describes the diffusion
of colloidal particles as non-energy-consuming39. These two properties allow for characterization
by Dynamic Light Scattering (DLS). In addition, the size and shape of metal NPs change their
electrical/optical properties. Small amounts of surface plasmons resonate on the surface of bulk
copper, gold, and silver and the resonance is quickly dissipated. However, in a nanoparticle form,
the surface is so small that the resonance is contained, and for Au NPs, green light is absorbed
and a red-colored solution is obtained. For silver NPs, violet light is absorbed and the solution
appears yellow. Structural properties are also changed between the bulk and nanomaterial forms,
for example, graphene is soft and has low conductivity but CNTs (graphene sheets rolled up into
hollow cylinders with nano-scale diameters) have extremely high tensile strengths, 100 times
that of steel, and electrical conductivity equivalent to copper39.
The nanomaterials investigated in this dissertation are both inorganic and organic, namely,
colloidal silver and gold as well as CNTs. Silver NPs (Ag NPs) were studied extensively due to
the observed toxic response at environmentally relevant concentrations of Ag NPs. The goal was
to assess the impact of multiple pollutants. Since nanomaterials are a rapidly growing industry
that may present a significant environmental threat, it is important that they be studied
extensively to correctly assess their environmental impact.
Silver has been used as an antibacterial agent for over two thousand years and the first
published synthesis of colloidal silver was in 1889 52. Nanosilver can also be naturally formed in
the environment in small amounts, however, due to the significant increase in the demand for
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nanosilver products, its presence in the environment is only expected to increase. This is a matter
of environmental concern due to silver’s potential to be toxic to many aquatic organisms, not
only infectious bacteria. As a result, there have been several studies of the toxicity of Ag NPs. At
lower trophic levels, studies have been conducted that demonstrate Ag NPs toxicity to
bacterioplankton and phytoplankton, including aquatic bacteria, marine diatom53, and freshwater
algae, all of which are connected in some way to higher trophic levels in their ecosystem food
web.
Gold nanoparticles also have historical significance as an ingredient in stained glass. The
first reported preparation of pure colloidal gold was done by Faraday54, and Turkevich developed
the most common method of synthesis in 1951 55. Gold is well-known for its chemical inertness;
however, in its nanoparticle form, a few studies have indicated its potential toxicity. The
majority of these studies were conducted on mammalian cells, including cancer cells, due to the
relevance of Au NPs to the medical industry56,57. Toxicity responses were Au NPs sizedependent (<5 nm) and surface charge-dependent (cationic capping agent).
The production of carbon nanotubes is not as high as other nanomaterials currently,
however, the number of applications that they are suited for continues to grow quickly. This is
primarily due to their strength and conductivity properties as mentioned above. They are used
from hydrogen containment devices to flat panel displays, from bullet-proof vests to
microelectronics, from drug delivery to sorbants in wastewaters39. As mentioned above, CNTs
have a tendency to aggregate in aqueous solutions due to their high level of hydrophobicity, as
they are essentially black carbon39. CNTs are either single-walled or multi-walled; the latter
being comprised of concentric nanotubes that nest due to van der Waals forces39. This same
attractive force (i.e. the hydrophobic effect) between CNTs surfaces is the reason for which
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CNTs aggregate in aqueous systems. The stability of the CNTs suspension, or the rate and
amount of aggregation, is thus dependent upon factors of the aqueous environment – e.g. pH and
ionic strength. Modification of the CNTs surface can affect its aquatic stability. Increasing the
stability of CNTs suspension, such as through HNO3 oxidation, is of high relevance to
biomedical research. CNTs have another potential issue due to additional surface chemistries that
can occur: sorption of other pollutants. Unmodified or pristine CNTs sorb hydrophobic organic
compounds (HOCs) such as polyaromatic hydrocarbons58, organopesticides and antibiotics,
whereas oxidized CNTs can sorb heavy metal ions39.
Carbon nanotubes thus may be toxic to aquatic organisms for two reasons: (1)
aggregation of CNTs in the cells and organs (for multicellular organisms) and (2) transportation
of pollutants, such as HOCs and heavy metals, into an organism39. Studies that focus on the
aquatic toxicity of CNTs include a diverse set of organisms: marine algae59, marine diatom60, and
brine shrimp and sea urchin embryos59, freshwater algae61 and freshwater water fleas62,63,64.
1.3
1.3.1

Biomembranes
Physical Structure and Properties
Biomembranes serve as important interfaces between a cell (or organism) and its

environment by providing a barrier that limits the transport of ions, molecules, and particulate in
and out of the cell. A biomembrane is typically composed of three main components: the
phospholipid bilayer, membrane proteins, and carbohydrate chains. Passive transport of small
hydrophobic or uncharged polar molecules can occur through the phospholipid bilayer, while
membrane-bound proteins regulate active transport of larger uncharged molecules and ion
channels to adjust pH, and are also responsible for signal transduction and structural roles65.
Carbohydrate chains are found on the external side of the biomembrane and are typically bound
17

to membrane proteins and thus play many of the same roles as the membrane proteins.
Photosynthetic organisms have a second, highly rigid barrier surrounding the cell, their cell wall,
which is rich in polysaccharides and has a gelatinous coat on its extracellular surface.
The phospholipid bilayer, being the largest structural component of the biomembrane, is
arranged in two layers so that the hydrophilic phosphate head groups point to either the cellular
cytoplasm or the extracellular matrix while the hydrophobic lipid chains lie stacked in the center
of the bilayer. The degree of saturation of the lipid chains is regulated to control membrane
fluidity due to changes in temperature. Increased saturation results in straighter chains and
improved packing, thus a more rigid membrane, while decreased saturation results in decreased
chain linearity and increased spacing, thus a more fluid membrane. Phospholipids can exist in
two crystalline phases – liquid and solid gel – and the transition temperature between the two
phases is dependent upon the lipid chain degree of saturation. Due to decreased packing and
decreased van der Waals forces, unsaturated lipid chains have lower phase transition
temperatures (TM) than saturated chains, thus a biomembrane will contain a greater percentage of
unsaturated chains at lower temperatures to maintain membrane fluidity. The degree of lipid
chain saturation can affect membrane permeability as well, with greater permeability
corresponding to less saturation. Permeability is also affected by temperature around the TM of
the phospholipid due to packing defects that occur when the solid gel and liquid phases coexist.
The membrane is a dynamic structure of phospholipids and proteins. The fluid mosaic
model66 views the phospholipid bilayer as a two-dimensional solvent which membrane proteins
may undergo lateral or rotational displacement. Membrane proteins either can exist on the
surface of the bilayer, bound by hydrogen bonds and ionic attractions, or penetrate the bilayer
through the use of hydrophobic and hydrophilic regions.
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Although essentially similar, biomembranes differ in structure and composition between
prokaryotes and eukaryotes. For both, the membranes serve many roles, especially for
prokaryotes whose membranes must serve additional functions due to the lack of organized
intracellular organelles. In terms of composition, however, eukaryotic membranes are more
complex as their membrane composition has more complexity (containing sterols), their
comparative membrane proteins are more sophisticated, and their membrane structure is more
rigid. Bacteria have a peptidoglycan wall surrounding their membrane that varies in thickness, 7
to 80 nm, depending upon the bacteria and it contributes to membrane structure and cell
protection. Both prokaryotes and eukaryotes have carbohydrates at the cell-environment
interface; prokaryotes and plants have polysaccharides and animal cells have glycoproteins.
Photosynthetic bacteria, or cyanobacteria, have thin, flat membrane-like internal
structures called lamellae formed from infoldings of the cell membrane that contain arrays of
light-harvesting proteins for photosynthesis. In cyanobacterial and plant membranes, the
membrane proteins pump H+ to maintain an electrochemical gradient for the energy-carrying
molecule adenosine triphosphate (ATP) generation, but animal cells use a Na+-K+ pump.
1.3.2

Interactions with NOM
NOM has also been shown through many studies to interact with biological membranes,

particularly those of aquatic organisms such as algae and fish gill cells. These studies were first
conducted by Campbell and coworkers and have also been studied extensively by our group.
Campbell’s results indicated that dissolved NOM fractions sorbed to the cell surface and
increased the negative cell surface charge; these effects were more pronounced at pH 4 than at
pH 7 67. They attributed the change in surface charge to the protonation of acidic membrane
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surface functional groups and the sorption of NOM to increased hydrogen bonding between
negatively-charged functional groups in NOM and protonated cell surface functional groups.
Further studies have demonstrated that humic acid disrupts the structure of model
biomembranes by a two-step process: (1) the humic acid adsorbs onto the surface of the
biomembrane via hydrogen bridging between the hydrophilic humic acid moieties and the
phospholipid head groups on the membrane surface and then (2) it absorbs into the biomembrane,
perturbing the phospholipid bilayer68. It has also been determined that the second absorption
process to model biomembranes is comprised of two steps: (a) fast absorption into the bilayer
due to membrane lattice defects and (b) slow adsorption due to the diffusion into and further
disruption of the lattice structure97.
1.3.3

Interactions with Pollutants
A pollutant’s toxicity to a cell is determined by its interaction with the membrane.

Passage through the cell membrane is determined by the pollutant size and chemical properties.
Heavy metals can pass through appropriately-sized ion channels and lipophilic molecules, like
pesticides, can partition through the hydrophobic membrane bilayer, while larger particles can
enter into eukaryotic cells through endocytosis or phagocytosis69. Recent studies have indicated
that another unknown process could allow for transport of particles, like nanomaterials, inside
the cell39. Hydrophobic nanomaterials, such as carbon nanospheres, can partition into the
hydrophobic phospholipid region of the membrane, including algal membranes39. Few studies
have suggested the transport of hydrophilic nanomaterials into the cell, such as silver
nanoparticles (Ag NPs)70. This may indicate that the toxicity of Ag NPs is related to either the
direct interaction between the nanoparticle and the cell surface or to the slow release and uptake
of Ag+ ions, or both71.
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The mechanism by which a pollutant produces a toxic response is again relative to the
pollutant chemistry and size. Herbicides that block photosynthesis allow for the build-up of
reactive oxygen species (ROS) that can damage the cell membrane72. Heavy metals and some
metal nanoparticles, such as Ag NPs, react with cellular components to produce ROS71, 73.
Organic nanomaterials, such as carbon nanotubes, have only found to be toxic to several
organisms; to date the exact mechanism of their toxicity is unclear although some studies have
found that they may disrupt the cellular membrane.
The effect of NOM on pollutant toxicity is unclear, and may be related to the pollutant
type. If NOM enhances the permeability of the membrane, then pollutants may find it easier to
pass through and thus result in increased toxicity. However, the chemical versatility of NOM
makes it likely that it will also interact with the pollutant and perhaps prevent or limit its toxicity.
1.4

Techniques to Study Toxic Responses to a Model Polluted Environment
The studies presented here focus on the responses of an aquatic cyanobacterial species

and an aquatic invertebrate, mussel larvae, to a model polluted environment. Both were studied
using typical toxic response studies (growth and viability, respectively). In addition, both were
tested using in vivo 31P NMR.
1.4.1

Bacterial Growth Curves to Determine Toxic Response
Prokaryotic cyanobacteria are simple unicellular organisms that follow the basic bacterial

replication process of cell division. One parent cell will then generate 2, then 4, then 8, then 16,
then 32, etc., cells, a process called exponential growth. This growth can thus be modeled using
the equation98-99:
! = 2!
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where N is the number of cells and x is the generation number. As the number of generations is
equivalent to the ratio of the doubling time (td) to the total time passed (t), then
! = 2!

!!

Batch cultures, however, do not necessarily begin with one cell, thus the initial number of cells,
N0, is needed to determine N:
! = !! ×2!

!!

This curve equation, however, would be more useful in finding out the doubling time td if it were
in a form more commonly used in mathematics, since a logarithm must be taken to solve for td.
For example, the log of base e (i.e., natural log) is much more practical to calculate than a log
base 2.
! = !! ×! (!" !)!

!!

When looking at potential toxic responses, the rate of growth is of interest as a bacterial cell’s
ability to replicate is contingent upon the cell’s viability. The inverse of the doubling time can
also be referred to as the growth rate. Since the specific growth rate µ is a constant unique to the
cell line and culture conditions, the constant value of ln 2 can be multiplied to this reciprocal to
obtain the basic equation that models a bacterial growth with respect to time:
! = !"! ×! !"
This equation can also be written in its log form98:
ln ! = !" + ln !!
and this enables linear modeling so that if t is plotted against log N, the slope will be the growth
rate coefficient µ. This simple growth model was initially developed by Malthus for population
growth in 1798 74:
!"(!)
= !!!
!"
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where P(t) is the growth function, P0 is the initial population, and r is the growth rate (or
Malthusian constant). Upon separation of variables and integrating, it matches the natural log
form of the growth equation derived above:
!"(!)
=!
!!

!"

ln ! − ln !! = !Δ!
ln ! = ln !! + !Δ!
For all of the growth studies conducted for this dissertation, the cell concentrations for all
samples were measured by optical density (OD) on a UV-Vis spectrophotometer at 730 nm75. At
this wavelength, the visible light absorbance by other compounds is low and the observed
absorbance is equivalent to OD, i.e. the amount of light scattered by particulate (cells) in the
sample which is defined by99:
!" = log

!!
!

The cell concentration can be determined from the OD by the use of the equation:
0.25!!"!"# = 10!

cells
!
mL

Then, the log of the cell concentration is plotted against time to determine the growth rate.
1.4.2

Nuclear Magnetic Resonance Spectroscopy
In 1946, the physicists Bloch76 and Purcell77 first applied the use of Nuclear Magnetic

Resonance (NMR) to liquids and solids, respectively, that was discovered by Rabi in 193878.
They observed that when a certain type of atomic nuclei (i.e., magnetizable) was placed in a
magnetic field, it could absorb energy from radio frequency (RF) waves if the frequency
matched the specific resonance frequency of the particular magnetic nuclei. The absorption of
this RF photon tilts the magnetic moment of the nuclei away from the external magnetic field
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(B0), and it precesses around at the specific resonance frequency, or Larmor frequency (ω),
before relaxing back to the B0 direction. The Larmor frequency is not only different for each of
the magnetic nuclei, but is also dependent upon the strength of the external magnetic field, as
depicted in the below equation, where γ is the gyromagnetic ratio.
! = −!!!
For example, a 9.4 T NMR instrument, typically referred to as a 400 MHz instrument,
would have approximately a 1H frequency of 400 MHz, a 13C frequency of 100 MHz, a 15N
frequency of 40 MHz, a 19F frequency of 392 MHz, a 31P frequency of 160 MHz, and so on.
There are even variations in the precession frequency among nuclei of the same isotope due to
variations in their immediate environments. These differences are mainly within the molecule,
and occur because of different electron densities around each nucleus. A high electron density
will partially shield the nuclei and change the precession frequency. The amount the frequency is
shifted is small, usually in the Hz range, and is typically denoted in units of ppm and referred to
as chemical shift. Differences in chemical shift enable the determination of different types of
chemical groups present in a sample.
1.4.3

31

P NMR

In vivo 31P NMR spectroscopy is a powerful tool due to its ability to visualize an
organism’s cellular metabolic processes and monitor metabolic cycling in real time. Most
biomolecules contain phosphorus, usually in a phosphate form, that result in 31P NMR spectra
that are very sensitive to ionic strength, complexation, pH and phosphate pKa, unlike 1H and 13C
NMR spectroscopies. As there are typically no more than one to three phosphorus atoms per
biomolecule, measuring the NMR signals of multiple biomolecules simultaneously is easily
attainable79. One of the principal cellular metabolites is adenosine triphosphate (ATP), an
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important energy-carrying molecule, and it is usually detected with 31P NMR 80. As NMR is a
non-destructive technique and can quickly obtain spectra, it can be used to measure consumption
of energy and changes in metabolites for the same sample with respect to time80. This is an
important benefit for conducting environmental assessment studies as the direct (short-term)
impact of an environmental toxicant upon a living sample’s metabolic cycling can be determined
within the course of several hours.
The pH sensitivity of phosphate-containing metabolites with respect chemical shift was
studied in the 1960s81. The first published use of in vivo NMR on metabolism was in 197280, and
soon after in 1973 came the application of 31P NMR spectroscopy for living cells, specifically,
on erythrocytes82. They were able to observe inorganic phosphate (Pi) and 2,3diphosphoglycerate and determine intercellular pH. Since then, in vivo 31P NMR has been used
for a diverse range of samples, from frog muscle83, mouse liver84, rat muscle85 and human
muscle tissue83 to the unicellular organisms such as yeast86 and Escherichia coli 87,88. The usage
of perfused systems has also been applied, for example, to mouse liver, plant cells, fish embryos,
and shrimp embryos, for long term studies to maintain aerobic conditions84,89,90,91. From when
this technique was developed, there have been numerous 31P NMR studies on various cellular
metabolism processes, and so only a few random selections were mentioned. At the time of
writing, there have been 622 publications using in vivo 31P NMR spectroscopy studies
[9/20/2012, SciFinder].
In order to understand the data obtained, it is important to understand the biochemical
processes behind it. Each 31P NMR spectrum is unique to the organism, having different
observable concentrations of metabolites. Not all metabolites can be seen80; for some organisms,
ATP signals are barely visible87,92. The one peak that is common to most 31P NMR metabolite
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studies is Pi. Other common peaks outside of ATP include phosphomonoesters (or
monophosphates) such as sugar phosphates, polyphosphates, nicotinamide adenine dinucleotide
(phosphate) (or NAD(P)H), phosphoenolpyruvate, phosphocreatine, uridine diphosphoglucose,
2,3-diphosphoglycerate, and glycerophosphoethanolamine. A few peaks that are relevant to
glycolysis are given in Figure 1.3.

Figure 1.3 31P NMR spectra with peak identification of metabolites (see Chapter 5 for
experimental details)

The large usage of various phosphates in living organisms, including non-metabolite
molecules such as the cell membrane (e.g., glycerophosphoethanolamine), generates background
noise that sometimes hides phosphate metabolites if they are at low concentrations, so not all
peaks are observable in vivo for all organisms.
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Cellular metabolism is defined as all of the chemical reactions that are necessary for the
cell to function. Cellular respiration is the oxidation of sugars (also, amino acids and fatty
acids/glycerol), which, in non-photosynthetic organisms, produces carbon dioxide and water.
Oxidation occurs in a controlled step-by-step process to maximize the number of energy-carrying
molecules, such as ATP, NAD(P)H, and acetyl coenzyme A (CoA), produced from this process.
First, digestive enzymes break down starches or polysaccharides (also, proteins and fats) into
sugars. The glycolytic enzyme pathway then catabolizes glucose to form ATP and pyruvate.
Intermediates in the glycolysis pathway include 2,3-diphosphoglycerate and
phosphoenolpyruvate. Other sugars are broken down via other reactions to various intermediates
along the glycolytic pathway, and then proceed. Pyruvate is oxidized to CO2 in the mitochondria,
producing acetyl CoA. Further breakdown of acetyl CoA by the citric acid cycle produces
NADH, which then donates its energy to ATP synthase, producing more ATP. Phosphocreatine
serves as a rapid energy donor, phosphorylating ATP, when energy is in high demand7.
The main energy sources for non-photosynthetic eukaryotic organisms are sugars and fats,
from which cells are constantly oxidizing to maintain sufficient levels of ATP. In order to do this
during periods where glucose is not readily available extracellularly, cells can synthesize glucose
through gluconeogenesis. For energy storage, polymers of glucose called glycogen are
synthesized where they can be later broken down and phosphorylated by glycogen phophorylase.
Uridine diphosphoglucose is used in the synthesis of polysaccharides precursors such as
glycogen. Fats (triacyl glycerols) are also an important source of energy storage, as they are
more compact and provide more energy per molecule. Fatty acids are converted to acetyl CoA.
Prior to the use of 31P NMR to measure the cycling of metabolites such as ATP, methods
included using fluorescence to measure the metabolic output product NAD(P)+/NAD(P)H from
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controlling the metabolism of fructose monophosphates, ATP, Pi, malate, citrate or isocitrate.
Disadvantages of these techniques include extensive sample preparation such as destroying other
metabolic enzymes93,94,95. Recent advancements in metabolite assays have improved sensitivity
and time requirements96 and can be useful to run in parallel to NMR studies80.
The large time requirements of enzymatic assay methods lead to the advancement of
using NMR technology in the field of metabolic profiling. The fields of metabolomics and
metabonomics – which are almost synonymous terms with the former referring to the study of
metabolic processes and the latter to the quantitative analysis of metabolic perturbations due to
exogenous sources – were both birthed in this application of NMR. The strengths of NMR
include its potential to work with complex sample mixtures, thus reducing or eliminating sample
preparation steps (such as enzymatic analysis or chemical derivatization). In addition, it is
unbiased, non-destructive, and can be quantitative. Mass spectrometry (coupled with either gas
or liquid chromatography) is another growing technology in the field of metabolic profiling.
Mass spectrometry is a more sensitive technique than NMR, which requires minimum analyte
concentrations of 10-6 to 10-5 M and large sample volumes, but cannot be used for all metabolites.
NMR has the additional major advantages of being able to obtain real time instantaneous
information about an organism, which aids in the understanding of its metabolism in a noninvasive manner that at most induces sub-lethal stress.
1.4.4

Solid State 13C NMR
Liquid state NMR has become an extremely popular tool in the determination of

chemical structures and identities of organic compounds. Solid state NMR is less commonly
used than the liquid state due to decreased resolution. Two of the main reasons for this are
chemical shift anisotropy and dipole-dipole interactions. Molecules such as alkenes, carbonyls,
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and aromatic rings contain non-spherical electron densities, which bring about chemical shift
anisotropy. When allowed to freely rotate in space as in a liquid, the signals become averaged in
time and the line broadening is minimized. In a solid state, however, rotation is not possible and
so line broadening occurs. The second cause of line broadening, dipole-dipole interactions, occur
due to the effects on a nucleus of local fields of neighboring nuclei. The local fields vary with
nuclear spin, and will slightly shift the Zeeman energy level, which in turn causes the NMR
frequency to slightly vary. In order to resolve these two issues, samples are spun at high spinning
rates at the magic angle of β = 54.7°. At this angle, the term
3 cos ! ! − 1 = 0
which is present in the equations that describe both chemical shift anisotropy and dipole-dipole
interactions. Spinning at high frequencies at the magic angle leads to a liquid-like condition since
the solid state broadening terms go to zero, thus the equations are reduced and are identical to the
liquid state equations.
In the solid state, analysis of low sensitivity nuclei requires additional signal
enhancement techniques. Low sensitivity nuclei, such as 13C and 15N, have very low isotopic
abundance and require multiple scans (measurements) to obtain a well-resolved spectrum.
Multiple scans take time as it is necessary to allow the nuclei to fully relax between scans,
especially in the solid state where the relaxation times of the magnetic moment, and thus the
recycle delays, are longer. A way to enhance the signal of these low sensitivity nuclei is to target
them using a highly abundant nucleus, such as 1H, through the use of the Ramped-Amplitude
cross-polarization (Ramp-CP) technique. First, the spins of the 1H nuclei are magnetized by
applying a π/2 pulse. This magnetization is then transferred directly to the low sensitivity nuclei,
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such as 13C, during the cross polarization, or “spin-lock”, when the Hartmann-Hahn match
occurs, that is:
!! !! = !! !!
where γH and ωH are the gyromagnetic ratio and Larmor frequency, respectively, for 1H and γC
and ωC are the gyromagnetic ratio and Larmor frequency, respectively, for 13C. Since γH is about
four times greater than γC, the signal, in theory, can be enhanced by the same amount. In addition,
the relaxation delay between scans is determined by the more abundant nucleus. Since 1H relaxes
much faster than 13C nuclei (everything else being equal), many more scans can be acquired in a
set amount of time, leading to a higher signal:noise ratio. As mentioned earlier, the Larmor
frequency is different for each unique carbon in a molecule, therefore the amplitude must be
ramped to ensure the complete transfer of magnetization to every carbon22. This is especially
important in heterogeneous samples like NOM where there are numerous types of carbons
present in the sample. The scan rate at which the amplitude is ramped is usually equivalent to the
sample spin rate. The correlation between frequency and pulse amplitude is typically depicted as
in Figure 1.4. This demonstrates that the likelihood of matching the resonance frequency is
increased with this type of pulse.

ω

B

A

Figure 1.4 Comparison of classic CP pulse (A) with Ramp-CP Pulse (B) with respect to
resonance frequency (ω)
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After magnetization is transferred, the protons are then decoupled from the 13C signals by
irradiating the protons with a strong RF field while the 13C signal is collected. A sample RampCP pulse sequence is presented in Figure 1.5.
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Figure 1.5 Ramp-CP 13C NMR pulse program
1.5

Overview of Studies Presented
The overall project goal is to measure the response of two aquatic organisms at different

trophic levels to several pollutants in an environmentally relevant model system that includes
natural organic matter (NOM). This project addresses some of the following gaps in the current
literature: (1) the synergistic relationships when two different pollutants are present in
environmentally relevant conditions; (2) the role(s) of the chemical moieties in NOM as an
inhibitor/enhancer of pollutant toxicity; and (3) the application of 31P NMR spectroscopy for
toxicology studies (particularly mussel larvae). This project aims to: (1) test pollutant synergistic
relationships in environmentally-relevant systems in terms of toxicity to the aquatic organism
31

using a systematic approach; (2) determine the role of different NOM chemical moieties upon
the pollutant-organism interaction using chemically modified NOM; and (3) utilize a secondary
technique (in vivo 31P NMR) to measure the real-time response to a pollutant.
The results from the first objective are discussed in Chapter 2 where the toxicity
responses are tested for a two-pollutant system using an organic (pesticide) and inorganic (metal
nanoparticle) pollutant, and also in Chapter 4 where the toxicity responses are tested for a twopollutant system was made up of two different organic pollutants – a pesticide and an organic
nanomaterial. The discussion of the results from Chapter 3 investigates the effect of the main
chemical moieties found in NOM (carbohydrates, lipids, and aromatics) on the toxicity responses
to a two-pollutant system. The focus of Chapters 2-4 is on one aquatic organism cyanobacteria,
while the results from Chapter 5 are on the second aquatic organism, mussel larva. Chapter 5
results include toxicity tests using the same pollutants in environmentally-relevant conditions,
and also fulfills the third objective of applying in vivo 31P NMR spectroscopy as a secondary
technique to measure toxicity and compares the NMR results to standard toxicity test results.
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CHAPTER 2. ENVIRONMENTAL TOXICITY MODELING OF A TWO-POLLUTANT
SYSTEM FOR AN AQUATIC ECOSYSTEM
2.1

Introduction
The complexity of the natural environment is primarily the result of the multitude of its

components and is further intensified by anthropogenic inputs, ranging from inorganics to
organics, such as nanoparticles (NPs) and pesticides. Accounting for all the various components
within the environment during experimental design is too daunting a task to be approached all at
once. Instead, studying each of the components separately or in a simplistic combination offers
great advantages, but also limits the scope in those studies such as the sorption of pollutants to
natural organic matter. The issue that arises from such focused studies is that possible synergetic
relationships do not become apparent. Recently, the importance of possible synergetic
relationships within the environment has arisen1. The approach taken in this study to demonstrate
environmental synergism is to break an environmental system down to a minimal number of
components while retaining as a close an approximation of the real system as possible. The goal
of this study is to determine the possible synergetic relationship between inorganic and organic
pollutants in an aquatic system upon an aquatic biological organism using a representative for
each of the two pollutant classes and, most importantly, using the omnipresent natural organic
matter (NOM).
2.1.1

Natural Organic Matter
The type of NOM that was selected for this study was chosen to meet three criteria: it

needed to be (1) relevant to aquatic studies, thus must be sourced from an aquatic environment as
NOM composition varies by source; (2) commercially available and widely-used to enable
comparison to other studies in the literature; and (3) a standard reference material to ensure
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consistent results. The standard reference NOM that is most relevant to aquatic studies and
commercially available is Suwannee River NOM (SR-NOM). NOM is a significant player in all
ecosystems of the bioavailability, fate, and transport of nutrients, but also of many pollutants, in
both land and aquatic environments2. NOM is a complex, heterogeneous, polydisperse mixture
containing both hydrophobic and hydrophilic moieties that is formed by the microbial
breakdown of decayed plant and animal matter2. The percent composition – e.g. carbohydrate,
lipid, and aromatic – of NOM varies by source2-3. Due to its amphiphilic properties, NOM is
partially soluble in water, with the soluble portion referred to as dissolved organic matter
(DOM). Around half of DOM is composed of humic substance (HSs) that originates from
degraded plant or microbial matter, while the rest of DOM is made up of low molecular weight
acids, carbohydrates, etc.4. NOM’s high degree of complexity enables it to interact with a wide
variety of pollutants, from hydrophobic organic pollutants to metals.
SR-NOM is sourced from a sill located at the top of the Suwannee River where the
surface dark brown acidic water flows out from the Okefenokee Swamp at concentrations
ranging from 25 – 50 mg C/L. The NOM mainly comes from recent swamp vegetation
degradation, although there are several peat deposits nearby the area5. Specifically, the HSs there
have a large concentration of fulvic acid, which is a fraction of HSs that is soluble at all pH
values. The remaining components of DOM outside of HSs are hydrophilic acids (15%)
produced from anaerobic plant matter decomposition and hydrophilic and hydrophobic neutral
molecules (10%)6.
2.1.2

Inorganic Pollutant
Nanoscale silver, as a growing potential environmental threat, is an appropriate choice for

an inorganic pollutant. It has currently found a niche in many industries, from apparel to
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detergents to medical products due to its well-documented antibacterial properties7. Its use is also
increasing in conventional products and the electronics industry. As of 2007, 500 metric tons of
silver nanoparticles (Ag NPs) are produced per year8, with estimates of 2.8-20 tons per year in
the United States9. The increased number of industrial applications of Ag NPs has resulted in the
increased production of colloidal silver, or silver nanoparticles, and thus there are significant
amounts entering into local aquatic ecosystems in a variety of sources from industrial
wastewaters where Ag NPs-containing products originate, to where they are disposed of, such as
in landfills or wastewater from households and hospitals10. Landfills can leach pollutants into
surrounding soils, where they can be further leached into groundwater or nearby surface waters.
Home or hospital wastewater goes to a sewage treatment plant, where the effluent goes into
freshwater and marine ecosystems and the sludge is used for agricultural soils11.
The amount of silver from any source that is lost into terrestrial and aquatic ecosystems
globally is estimated to be around 25%, which was estimated to be 300 metric tons in 2009 10. So
far, concentrations of Ag NPs detected in the environment, mostly from industrial wastewater
effluents, range from 0.03-500 ng/L, or 0.0003 to 5 nM 12. Modeled concentrations of Ag NPs in
the aquatic environment varies from 0.4-3 nM in river water11 to 0.3-0.7 nM in surface waters.8
This anthropogenic presence of silver nanoparticles (Ag NPs) in aquatic environments is
an issue due to its known toxicological effects on many organisms10,13. Aquatic organisms
studied so far range from freshwater algae (Chlamydomonas reinhardtii) to aquatic bacteria
(Pseudomas fluorescens) to a water flea (Daphnia pulex). These organisms range in sensitivity –
around 801 nM (EC50, C. reinhardtii)14, 2000 µg/L or 19 µM (P. fluorescens)15, and around 0.37
µM (LC50, D. pulex)16. One of the lowest reported values found, 5.3 nM, was for the diatom
Thalassiosira weissflogii17. Natural bacterioplankton were affected by concentrations ranging
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from 0.07-2.56 µM Ag 18. For zebrafish embryos, which represent a more complex multicellular
aquatic organism, a concentration of 250 µM was necessary to induce a toxic response19.
Concentrations of 66.7 and 65.5 µM were found to be toxic to juvenile and adult zebrafish,
respectively16.
Metals can also be bound by NOM. Ag+ is known to have a strong affinity for reduced Scontaining groups, such as organic thiols and sulfide groups, and also are attracted to organic
amines, carboxylic acids and alcohols20. All of these groups are present in NOM. Recently, it has
been discovered that in the presence of NOM, metal ions are reduced and nanoparticles can
form, specifically Ag NPs21. This was predicted to be due to the presence of larger amounts of
reduced S in sediment and DOM contrasted to larger amounts of oxidized S in soil. The relative
percentage of other organic compounds in NOM were also predicted to have a role, where higher
percentages of aromatic moieties were expected to sterically inhibit access to S-containing
groups, thus decreasing NOM’s reducing potential. The ability of NOM to form Ag NPs is
concerning because this may mean that Ag NPs form naturally in the environment, particularly
in aquatic environments, when there are Ag+ ions present, such as from trace silver ores or
photographic supplies waste. Indeed, colloidal Ag has already been found in aquatic
environments22.
Since the ever-present NOM in aquatic ecosystems may likely interact with Ag NPs,
several studies have investigated the effect of both in concert. Fabrega and coworkers determined
that Suwanee River humic acid reduced the biocidal properties of 19 µM Ag NPs15. Several
concentrations of Suwannee River humic acid and Ag NPs were tested by Dasari and Hwang on
natural bacterial populations, with the result that an increase in humic acid concentration from 0
to 40 mg/L decreased bacterial growth for concentrations tested in the 0-5.0 µM Ag range23. A
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study with Daphnia at 4.6 µM Ag NPs indicated that Suwannee River humic acid mitigated the
toxicity of Ag NPs, with toxicity decreasing as NOM concentration increased from 0-20 mg/L
with no significant changes at 20-60 mg/L NOM24. Similar results were obtained for studies with
E. coli where humic acid (5 mg/L TOC) decreased the bacteriocidal properties of 106.6 µM Ag
NPs with three different capping agents – casein, dextrin, and polyvinylpyrrolidone25.
2.1.3

Organic Pollutant
Pesticides, a type of organic pollutant, have been used and passed from farms into local

lakes, ponds, streams, and rivers now for many decades. They vary from herbicides to fungicides
to insecticides, all to promote higher crop yield. Many of these compounds, however, have
detrimental effects upon other organisms, local or not. NOM has the capacity to bind and release
pesticides26. When NOM is exposed to water, rearrangement of hydrophobic and hydrophilic
moieties can occur, and the organic pesticide will remain within the inner hydrophobic areas27.
Thus a pesticide can be transported via agricultural run-off and out through waterways, where its
release may happen miles away.
Bleaching herbicides either inhibit chlorophyll or carotenoid biosynthesis, or degrade the
two post-synthesis, and, as a result, cause the accumulation of reactive oxygen species (ROS)
that can interact with membrane lipids, thus are a relevant choice for this study. In this study, the
bleaching herbicide norflurazon was chosen due to its resulting higher toxicity. Norflurazon is a
pre-emergence herbicide and is a weedkiller used in cotton and orchard farming. It has limited
solubility in water (92.2 µM), a half-life of 90-130 days in soil and 240-2650 days in water28, and
acts as a photosynthetic inhibitor. The mechanism is in the specific inhibition of the enzyme
phytoene desaturase which blocks the synthesis of carotenoids and results in the accumulation of
the precursor compound phytoene. As this is a common enzyme in many photosynthetic
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organisms, norflurazon has the potential to affect more organisms than just weeds. Norflurazon
has been shown to reduce the carotenoid content of wheat seedlings at 0.3 µM and reduce the
chlorophyll content of corn and wheat seedlings at the same concentration, while the chlorophyll
content of alfalfa seedlings was reduced at 0.03 µM29. In addition to plants, norflurazon has been
shown to affect photosynthetic aquatic microorganisms such as blue-green algae, or
cyanobacteria. One study found that on solid plate media, concentrations of 70 µM affected the
growth of the cyanobacteria Synechocystis sp. PCC 680330. Another group studying the same
species found that the cyanobacterial growth was inhibited at 25 µM under high light conditions
(300 µE/m2s) while no inhibitions were observed under low light (15 µE/m2s1) at both 25 and
100 µM norflurazon concentrations31. Another cyanobacterial species, Synechococcus,
demonstrated a growth effect by norflurazon at concentrations as low as 0.06 µM32.
Although norflurazon is not listed as one of the top 20 commonly used pesticides, it is
still a significant environmental pollutant. In 1997, around 2.46x106 lbs/year were applied in the
United States. It has been found at high levels of 0.103-0.326 nM in ‘finished’ water and 0.1030.329 nM in ‘untreated’ water33. In addition, norflurazon has been detected in surface waters in
Florida at 13 nM34 and Wisconsin at 8.9 nM28 as well as in California groundwater at 0.2-2.3
nM35, and even at levels equivalent to the very common pesticide atrazine in a Mississippi
aquifer36. In Florida, it was found at levels of about 4.3 nM in a creek water column37.
Other bleaching herbicides tested in this study include oxadiazon and acifluorfen for
comparison. Oxadiazon inhibits chlorophyll biosynthesis. The algae Scenedesmus experienced a
loss of chlorophyll at 10 µM oxadiazon38. Acifluorfen, a commonly used diphenyl ether
herbicide, is used to control growth of unwanted algae, mosses, and other bryophytes.
Acifluorfen inhibits the tetrapyrrole synthesis pathway in most eukaryotes and some aerobic
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bacteria, however, cyanobacteria have been shown to be resistant to acifluorfen. In a study with
Synechocystis PCC 6803, the reason for this was shown to be due to a unique version of the same
oxidase enzyme39.
The organophosphorus insecticide dimethoate was also studied as it has been
demonstrated to affect cyanobacteria by inhibiting the activity of the thylakoid ATPase. A
reduction in carotenoid and chlorophyll concentrations was seen for Synechocystis PCC 6803 at
50 and 100 µM dimethoate, respectively40. A study on the immediate response of Synechocystis
PCC 6803 to dimethoate resulted in decreased photosynthesis at concentrations greater than 50
µM41. A similar short-term study for the same species resulted in an affect at 0.01 mM
norflurazon42. Dimethoate was shown to be present in fruit and vegetable residues at levels of
0.009-3.6 µM33.
Given the highly diverse nature of NOM, it is not surprising that it would impact the
bioavailability and thus the toxicity of pesticides. A study on several crop plants found that
higher concentrations of norflurazon were required to reduce the chorophyll concentration by
50% for soils containing more organic matter, and that the phytotoxic concentration of
norflurazon was correlated to the percent organic matter43. The same was true for studies of
another crop plant, grain sorghum, where higher percent organic matter (2.83%) completely
inhibited norflurazon injury on the plant yet a reduced organic matter content (0.80%) still only
allowed a 25% plant injury44. Another terrestrial study with soil organisms also indicated the
ability of organic matter to inhibit dimethoate toxicity45.
2.1.4

Biological Component
Blue-green algae, or cyanobacteria, are one of many organisms present in most aquatic

ecosystems. Cyanobacteria were chosen as the biological component due to their environmental
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importance as oxygen producers and nitrogen fixators. They are unique amongst gram-negative
bacteria (photosynthetic prokaryotes) in that they have plant-like cell wall outside their
membrane. The cyanobacterium Synechocystis PCC 6803 has three significant advantages as a
subject: (1) is unicellular (versus colonial) and simplifies the model system; (2) is a single cell
line, thus eliminating variability from multiple species; and (3) is a highly well-studied
photosynthetic organism. The unicellular freshwater cyanobacteria Synechocystis PCC 6803
(hereafter Synechocystis) have photosynthetic proteins that are very similar to the ones found in
plants, leading to the idea that higher-order plant chloroplasts originated from them46. For this
reason, the genome of Synechocystis has been completely sequenced; as with most prokaryotes,
they have no nuclear membrane and their genes can be easily modified for the study of
photosynthetic proteins such as phycobilisomes and Photosystems I and II46.
Due to the similarity of Synechocystis photosynthetic proteins to those of plants, many
herbicides have been found to have a toxic effect, such as norflurazon, chlorfenvinphos47,
oxadiazon48, and dimethoate47. In addition to the studies mentioned above for the pesticides
norflurazon, acifluorfen, and dimethoate and Synechocystis, other pesticides have also been
studied. For example, quinalphos, which is an insecticide like dimethoate, had an LC50 of 63.18
µM 49. Norflurazon has been chosen for this study as it is the most toxic (of those tested inhouse) at lower (more environmentally relevant) concentrations.
The response of Synechocystis to nanoparticles has not been as well studied as with
pesticides. Possibly the first study to have taken place was with CeO2 NPs by Zeyons and
coworkers where they observed greater uptake of the CeO2 NPs than the bacteria E. coli; the NPs
did not uniformly coat the cell surface like the CeO2 NPs did for the E. coli; and there were less
toxicity of the CeO2 NPs for Synechocystis than for E. coli50. They attributed these results to the

48

presence of polysaccharide exopolymeric substances on the cyanobacterial cell membrane that
entrapped the CeO2 NPs. Recently, Synechocystis were tested for their toxicity response to gold
NPs as a part of a study which had the primary focus of using the cyanobacteria to biosynthesize
gold NPs. The authors observed that Au NPs were partly internalized by the cells within 24
hours of exposure, however, their physiological viability nor their intracellular structure was not
affected as the majority of the Au NPs remained attached to the outer cell membrane51. Another
study by Planchon and coworkers also found that exopolysaccharides on the cell wall had a
direct effect upon TiO2 sorption and toxicity52.
DOM (specifically HSs) has been demonstrated to affect the permeability of
phospholipid membranes, including algae53,54,55 by adsorbing to the membrane56. The adsorption
is favored at low pH values54. These results match studies conducted in our group upon a model
biomembrane structure, where humic acid was found to significantly perturb the biomembrane at
pH 4.8 rather than pH 7.6. The implications of this role of DOM in addition to its other roles of
nutrient and pollutant transporter directly impact the aquatic organisms that must live in contact
with it.
Currently, there have been a significant number of studies that have investigated the
toxicity of an inorganic pollutant in a model aquatic environment system. The environmental
effects of organic pollutants such as organic pesticides have been minimally studied in soil
systems, with even less conducted upon freshwater aquatic organisms in environmentally
relevant conditions (i.e. with some type of organic matter), and with none having been done
using norflurazon. In addition to this, there have been no reported studies conducted so far that
have investigated the effects of dual toxicants in an environmentally relevant system. This study
investigates the scenario where both an inorganic pollutant, Ag NPs, and an organic pollutant,
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the herbicide norflurazon, are present in a model aquatic environment system in order to
determine the synergistic effect, if any, that is present when two pollutants, which have different
toxicity mechanisms, are simultaneously present.
2.2
2.2.1

Materials and Methods
Materials
Metal salts for the culture media as well as chemicals for the nanoparticle syntheses were

purchased from Sigma-Aldrich. Agar was obtained from Becton-Dickenson. The pesticides
norflurazon, oxadiazon, acifluorfen, dimethoate, flutolanil, trifluralin, and diuron were purchased
from ChemService. The standard reverse osmosis isolate of Suwannee River natural organic
matter was purchased from the International Humic Substances Society (Georgia, USA). Ethanol
(200 proof) was obtained from Fisher Scientific. Sterile 18 MΩ water was sourced from the
Milli-Q Direct 8 system with 2 ppb total organic carbon (Millipore). All inoculations were
conducted in Purifier Class II biosafety cabinet equipped with HEPA vent filters (LabConco).
Sterile plates and sterile 0.20 µm syringe filters were obtained from Fisher Scientific; sterile
syringes were from Nalgene. The Synechocystis PCC 6803 cell line was obtained from the
Bricker laboratory (LSU Department of Biological Sciences). Liquid batch cultures were grown
in glass flasks that were cleaned with HNO3 for metal decontamination and acetone to remove
organic contamination and were bubbled continuously with humidified air through HEPA-vent
filters (Whatman). Cultures were grown under a 16:8 hour light:dark cycle at 30°C in a Multitron
incubator.
2.2.2

Methods
Cells were grown using solid and liquid BG-11 media as outlined by Rippka57. Briefly,

media contained (listed from highest to lowest concentration): 17.6 mM NaNO3, 10.0 mM Tes,
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304 µM MgSO4, 245 µM CaCl2, 189 µM Na2CO3, 175 µM K2HPO4, 46.3 µM H3BO3, 31.2 µM
citric acid, 6.00 µg/mL iron ammonium citrate, 9.15 µM MnCl2, 2.80 µM Na2EDTA, 1.61 µM
NaMoO4, 0.772 µM ZnSO4, 0.316 µM CuSO4, and 0.170 µM CoNO3. Solid BG-11 media also
contained 15.0 g/L Bacto agar and 12.1 mM Na2S2O3. Both solid and liquid BG-11 media were
sterilized by autoclave at 120°C and 20 psi. All media was supplemented with 5 mM glucose and
10 µM diuron to maintain the cultures in heterotrophic growth. Cells were initially grown up on
solid BG-11 media plates. Liquid 150 mL BG-11 cultures were prepared by transferring cells
using an infrared sterilized loop from the plate to the sterile culture media flask. Plates were
discarded after three weeks.
Natural organic matter solutions were prepared at 1500 mg/L by dissolving 37.5 mg of
SR-NOM into about 15 mL of water, then adjusting the pH to 6 and allowing to stir overnight.
The following day the pH was re-adjusted to 6.0. All solutions were kept in the dark at 5°C and
discarded after two weeks. Pesticides were initially dissolved in ethanol due to low water
solubility at concentrations of at least 1000 times greater than the final concentration in the
culture flask to meet the 0.1% volume dilution requirement. For example, norflurazon was
prepared at 20 mM concentration, then 0.15 mL of this solution was added to 150 mL of media
for a final concentration of 20 µM norflurazon.
Ag NPs (6.75 ppm or 62.5 µM) were prepared by traditional method58 by placing 30 mL
of 0.002 M NaBH4 solution stirring in an ice bath for 20 minutes. Next, 2.0 mL of 0.001 M
AgNO3 solution is added slowly at a rate of 1 drop per second to the cold NaBH4 solution. The
mixture is then heated, covered with a watchglass to minimize volume loss, and 100 mg of
polyvinyl alcohol (PVA) is added to cap the Ag NPs (NPsPVA) when the solution is close to
boiling. The solution was then removed from heat and allowed to cool.
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NOM-synthesized Ag NPs (NPsNOM) were prepared by heating a solution containing
1500 mg/L NOM and 480 ppb Ag+ (from AgNO3) at around 75°C for 3.5 hours to catalyze
nanoparticle synthesis. Nanoparticles were allowed to grow for a week before solutions were
used.
Gold nanoparticles (Au NPs) were prepared by refluxing 50 mL of 0.25 mM
HAuCl4!3H2O. Upon boiling, 5 mL of 40 mM trisodium citrate solution was added and the
mixture was allowed to reflux for 10 min. The solution was removed from the heat source and
allowed to cool for 15 min.
All NPs solutions were stored in the dark at 5°C. Verification of NPs formation and size
was done with UV-Vis absorbance and transmission electron microscopy (TEM). NPs absorb
visible light at specific wavelengths due to surface plasmon resonance. A narrow peak at 400 nm
indicated the formation of Ag NPs of about 10 nm in diameter59. For Au NPs, the 530 nm peak
was used to verify the presence of approximately 40 nm NPs60. Some NPs solutions were also
characterized by TEM (TEM, JEOL JEM-1101) with a resolution of 0.2 nm using a 140 kHz
beam. NP size and monodispersity were verified both by their plasmon peak absorbance and by
TEM.
Both the NOM solution and the glucose solutions were passed through a syringe filter for
sterility. All other solutions contained either nanoparticles or ethanol which kept the solutions
sterile. Pesticide-, NOM-, and NPs-containing solutions were added to the flasks prior to cell
inoculation and were only added to certain flasks depending on the model environment being
tested.
Liquid cultures were measured for growth by daily extracting no more than 2 mL with
sterile pipets from each culture flask to minimize any impact that volume loss would have on the
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culture. The optical density of each sample was measured at 730 nm using a Cary 100 Bio
UV/Vis spectrophotometer, where BG-11 media was used as a blank. Cell concentration was
calculated using the conversion where the optical density of 0.25 absorbance units is equivalent
to a cell concentration of 108 cells/mL.
Analysis of norflurazon concentration was conducted to test for possible
photodegradation throughout the course of the experiment (results not shown). Samples were
centrifuged at 2500 rpm for 10 min using a Sorvall Stratus centrifuge (Thermo Scientific) and
the supernatant was analyzed by HPLC-UV (Agilent 1000) at 289 nm for norflurazon and 252
for diuron using a methanol:water mobile phase and a C18 column. A set of controls verified the
lack of photodegradation.
2.3
2.3.1

Results and Discussion
Cell Growth Rate Analysis
Growth responses were measured as percent averaged relative growth rate with respect to

the control flask, which was grown alongside the test flasks. Each culture contained 3 flasks of
each type of modeled test environment, and culture sets were repeated twice or more for data
robustness, thus the growths listed are averages for at least 6 separate cultures.
Cells were grown up until the end of their exponential growth phase in order to ensure
that the optical density measurements were only measuring living cells. Cell growth rates were
determined through changes in optical density data73. Using the standard growth rate equation7273

:
ln ! = !" + ln !!

where N is the cell concentration, N0 is the initial cell concentration, µ is the specific growth rate,
and t is time; if the natural logarithm of N is plotted against t, then the value of u can be obtained.
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The advantage of comparing the growth rate between the control and the test environments rather
than just measuring the average lethal concentration (LC50) is that (1) data trends are measured
in two dimensions, cell concentration and time, rather than just one dimension; and, in the same
vein, that (2) the overall exponential growth response is accounted for, which may be unique to
each test environment. All error bars represent one standard error.
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Figure 2.1 Sample growth curves comparing the averaged growth of Synechocystis PCC 6803
for the control flask (solid lines) to either 20 µM norflurazon (dashed line) or 0.044 µM Ag
NPsPVA (dotted line).

2.3.2

Nanoparticle Characterization
Both Au NP and Ag NPs were characterized by UV/Vis and/or TEM analysis. The

average size of Au NPs ranged from 20-40 nm as determined by the absorption wavelength of
525 nm and the TEM image (Figures 2.1(a) and 2.2). The size of Ag NPsPVA, about 10 nm, was
determined by the absorption wavelength of 410 nm (Figure 2.1(b)). For all NPs, UV/Vis was
used to also ensure particle monodispersity – a narrow peak demonstrated particle uniformity.
Ag NPsNOM were characterized using TEM due to the difficulty in discerning the Ag NPs peak in
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UV/Vis spectra. NPs synthesized with NOM were more varied in shape and size and ranged
between 10-50 nm based upon the TEM image (Figure 2.2).

(a)

(b)

Figure 2.2 UV/Vis absorbance curves for Au NPs (a) and Ag NPsPVA (b)

100 nm

Figure 2.3 TEM images for Au NPs (left) and Ag NPsNOM (right)
2.3.3

Comparison of Pesticide Toxicity
The effects of a collection of pesticides upon the exponential growth of BGA were

studied. The pesticide collection included the following: acifluorfen, chlorfenvinphos,
dimethoate, flutolanil, norflurazon, oxadiazon, and trifluralin. The results for the pesticides are
summarized in Table 2.1. Norflurazon induced the most toxic effect, i.e. a reduced growth of
about 66.5%, at the lowest concentration, 20 µM, and so it was used for several studies. This is
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comparable to the study done with 25 µM for Synechocystis, however, there was a disparity in
the light intensities used between Maeda’s study (300 µE/m2s) and this one (45 µE/m2s), since
greater light intensity in Maeda’s study put Synechocystis under moderate stress levels 31.
Maeda’s study used norflurazon, an inhibitor of carotenoid synthesis, to determine that
carotenoids are important in the tolerance of high light stress. In this research, Norflurazon’s
toxicity was also studied at 10 µM with the relative growth rate result of 89.2%.

Table 2.1 Pesticide toxicity assay
Pesticide

Concentration required to reduce relative growth rate to below 75%

Acifluorfen

not toxic (up to 60 µM)

Norflurazon

20 µM

Trifluralin

nontoxic (very low water solubility)

Flutolanil

not toxic (up to 50 µM)

Dimethoate

100 µM

Oxadiazon

40 µM

Chlorfenvinphos

85 µM

Almost all of the other pesticides tested either exhibited toxicity at greater concentrations
or were found to not be toxic; this lack of sensitivity was confirmed in the literature for
acifluorfen61 and trifluralin62. The exception to this was with oxadiazon, which, when tested at a
concentration of 20 µM, demonstrated a slightly reduced growth of approximately 88.1%.
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2.3.4

Comparison of Metal NPs Toxicity
The presence of NPs had different toxicities associated with each type of nanoparticle

(Figure 2.4). Gold NPs was not expected to be toxic and thus Au NPs were used as a control to
determine if a toxic response was due to NP shape or composition or if there were any potential
shading effects. Citrate-capped spherical Au NPs did not induce a toxic effect at either 0.23 or
0.61 µM, with relative growth rates of 104.7% and 93.2%, respectively, being found. PVAcapped spherical Ag NPs were predicted to be toxic14,17 and thus were tested at lower
concentrations of 0.044 µM. Ag NPsPVA were toxic at this concentration, with a reduced growth
of 25.8%.
These results demonstrate that NPs toxicity was not related to the shape of the particle or
shading, but due to NP composition. These results are similar to other results in the literature that
have indicated a similar lack of toxicity for Au NPs19,51 as well as high levels of toxicity for Ag
NPs when compared to studies with other unicellular organisms. For example, although the
toxicity of Ag NPs has not yet been studied for Synechocystis, the toxic concentration of 0.044
µM is less than the range of 0.07-2.56 µM Ag NPs for natural bacterioplankton18 and is closer to
the value of 5.3 nM Ag NPs for the diatom T. weissflogii17.

Relative Growth Rate

150.00%
100.00%
50.00%
0.00%
Au NPs

Ag NPs(PVA)

Ag+

-50.00%

Figure 2.4 Relative growth rates of Synechocystis PCC 6803 to compare metal toxicity
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Many toxicity studies with Ag NPs have noted that the toxicity of Ag NPs may be due to
the slow oxidation and subsequent dissolution of Ag NPs in solution. At ambient temperatures,
the reduced Ag0 form easily oxidizes into Ag+(aq), which is thermodynamically more
favorable63. Since the studies in this chapter took place over the course of at least 72 hours,
another test culture containing dissolved Ag+ (as AgNO3) was conducted at 0.044 µM to ensure
that the toxicity of Ag NPs was not due to the entire dissolution of the NPs. Essentially no
growth (less than 0%) was observed, which is much lower than the results obtained with Ag
NPsPVA. The slightly negative growth reflected the decreased optical density readings, and is
presumably due to the death of the inoculated cells. This result is similar to studies by Fabrega
and coworkers where the toxicity of 19 µM AgNO3 was greater than the toxicity of 19 µM Ag
NPs15. These results, however, do not indicate whether the observed toxicity of Ag NPsPVA is due
to any potential partial dissolution of the NPs. However, complete Ag NPs dissolution occurs in
the time frame of weeks to months depending upon size64, and so it is possible that minimal to no
dissolution occurred and that the vast majority if not all of the observed toxicity was due to the
Ag NPs themselves. It should also be noted that the EDTA within the growth media should
further reduce the potential toxicity of any dissolved Ag+ that may be present over the time
course of these experiments. Indeed, the abovementioned study by Fabrega and coworkers as
well as a study by Yin and coworkers indicated that Ag NPs themselves have a biocidal effect
due to direct interaction with the cellular membrane15, 65. A couple of explanatory mechanisms
include the generation of harmful reactive oxygen species at the Ag NPs surface or the Ag
interacting with S-containing proteins at the surface of the biomembrane63.

58

Table 2.2 All relative growth results for Synechocystis PCC 6803 cultures containing different
combinations of 10 µM/20 µM norflurazon (Nor), Ag NPsPVA, AgNPsNOM, Ag+, and Au NPs
blank
blank

Ag NPsPVA
25.8±15.8%

NOM

101.4±1.3%

10 µM Nor

89.2±1.9%

20 µM Nor

66.5±7.4%

10 µM Nor + NOM

86.2±5.3%

64.0±13.3%

20 µM Nor + NOM

57.2±2.4%

49.8±4.1%

2.3.5

Ag NPsNOM

88.7±8.8%

105.1±3.6%

62.4±5.0%

Ag+

Au NPs

-2.5±3.4%

104.7±2.1%

-9.3±4.9%

105.5±2.0%

92.6±7.5%

Effect of NOM on Pollutant Toxicity
Natural organic matter was tested at environmentally relevant concentrations of 15 mg/L

NOM (or approximately 7.9 mg C * L-1)66 to more accurately model an aquatic ecosystem.
Norflurazon Results
For 20 µM norflurazon, the presence of NOM induced a slight reduction in growth rate,
i.e. an increased toxic response, to approximately 57.2% growth, however, this result was not
entirely statistically significant from the presence of 20 µM norflurazon alone (see Figure 2.5).
This was similar to the case at 10 µM norflurazon where the 86.2% relative growth of the culture
containing the pesticide plus the addition of NOM compared with the test culture of the pesticide
alone were not significantly different.
Despite the lack of a significant difference between the growth response to a pesticide
and the pesticide-NOM combination, there is a slight trend that appears that NOM may have
potentially enhanced the toxicity of norflurazon. This may be due to a particular interaction
between NOM and norflurazon and the cell membrane. It is possible that NOM may increase the
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membrane permeability and thus provide increased access into the cell for norflurazon. However,
previous studies with NOM-membrane interactions have demonstrated that NOM should
decrease membrane permeability at slightly acidic pHs (i.e., 5) with little to no effect at neutral
pHs54.

Relative Growth Rate
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40%
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20%
0%
Norflurazon

Norflurazon + NOM

Figure 2.5 Relative growth rates for Synechocystis PCC6803 cultures containing norflurazon and
15 mg/L NOM at 10 and 20 µM norflurazon

These results do not compare to previous studies that have investigated the change of
norflurazon toxicity in the presence of NOM. The ones mentioned before have mostly been
conducted upon crop plants in non-aquatic soil systems where norflurazon appears to be bound
by the soil organic matter and has a reduced bioavailability and reduced toxicity. However, soil
organic matter varies in composition and arrangement to aquatic NOM. Soil humic acid, for
example, contains more aromatic and aliphatic moieties than Suwannee River humic acid. In the
absence of water environment, these hydrophobic moieties are more likely to be on the surface
and where they can more easily interact with a hydrophobic pesticide27.
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All cultures that contained a pesticide, or pesticide and NOM, were tested using HPLCUV to determine if any sorption of the pesticide occurred due to the cells or NOM, or if any
photodegradation of the pesticide occurred. The results between the controls (no cells or NOM)
concentration of pesticide were not significantly different than the actual cultures, demonstrating
that no measurable photodegradation or sorption occurred.
NPs Results
Due to the complexity of nanoparticle-cell interactions in the presence of NOM, several
levels of controls were tested. The presence of 15 mg/L NOM mostly inhibited the Ag NPsPVA
toxicity as indicated by the increased relative growth rate of 88.7% of the test culture containing
0.044 µM Ag NPsPVA and NOM compared to the culture containing 0.044 µM Ag NPsPVA alone.
The large differences in relative growth from when Ag NPsPVA were present compared to both
Ag NPsPVA and NOM demonstrates that NOM, at environmentally relevant concentrations,
inhibited the toxicity of Ag NPsPVA. These results parallel those found for the aquatic bacteria P.
fluorescens15, the water flea Daphnia24, and the bacteria E. coli 25, where NOM acted as a
inhibitor of the toxic effects of Ag NPsPVA. The mechanism of this inhibition is still unknown.
NOM may inhibit the toxicity either (1) by coating the surface of the BGA or (2) by coating the
surface of the PVA-capped NPs. The first is less likely due to the neutral pH conditions of the
culture.
The first control was to determine whether or not the Ag NPs capping agent had an effect
on the nanoparticle-cell interaction, so Ag NPs were synthesized by two different methods with
two different capping agents, PVA and NOM. Since 4.5 µM Ag NPsNOM was prepared using
1500 mg/L NOM and diluted by a factor of 100 to 0.045 µM Ag NPsNOM and 15 mg/L NOM, the
BGA growth results were compared to the growth in the presence of 0.044 µM Ag NPsPVA and
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NOM. The BGA relative growth result of about 105.1% was significantly different than the
88.7% relative growth rate in the presence of 0.044 µM Ag NPsPVA and NOM, as mentioned
above (Table 2.2). The larger relative growth rate for Ag NPsNOM compared to Ag NPsPVA may
indicate that the NOM may be able to bind or coat Ag NPs more completely when it serves as
the only interface between the cell and the NPs, thus giving a slightly improved inhibition of Ag
NPs toxicity.
Relative growths above 100% can be attributed to the BGA utilizing NOM as a food
source67,68. A control with 15 mg/L NOM alone (without any pollutant) was also tested to
determine the direct effect of NOM on the growth of BGA, with the result being 101.4% (Table
2.2). The 105.1% growth results for Ag NPsNOM with NOM demonstrate that the presence of Ag
NPsNOM may cause some rearrangement of the NOM, possibly allowing the BGA access to
previously hidden non-recalcitrant components, however, this result is not statistically different
than the growth rate when NOM alone was present. This may indicate that the mechanism for
inhibition may be due to the NOM coating the NPs as the rearrangement is more likely to occur
when the NOM interacts with the NP since no increased growth was noticed when NOM was
allowed to interact with BGA alone. However, it should be noted that the relative growth rates
for NOM alone nor Ag NPsNOM were both statistically similar to the control (contained neither
NOM nor pollutant), and thus for all intents and purposes, NOM does not enhance cell growth in
the context of this study.
The culture that used Au NPs (citrate cap) as a nanoparticle control was also tested with
NOM present to determine if there was an overall nanoparticle-NOM interaction. The
combination of 0.23 and 0.61 µM Au NPs and 15 mg/L NOM resulted in the relative growth rate
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of 105.3% and 105.5%, respectively (Table 2.2). These growth rates are not statistically different
than those for the NOM-capped Ag NPs.
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-40%

Figure 2.6 Relative growth rates of Synechocystis PCC6803 for metal NPs using different metals
and different capping agents (PVA and NOM) in the presence of 15 mg/L NOM

For the test culture with 0.044 µM Ag+(aq) and NOM, the relative growth rate was again
less than 0% despite the presence of NOM (Table 2.2). Since NOM could not inhibit the toxicity
of Ag+ (aq) unlike 0.044 µM Ag NPsPVA and Ag NPsNOM, this may also indicate that the Ag
NPsPVA or Ag NPsNOM did not fully dissolve into Ag+ (aq). It is also evident that, although NOM
can bind Ag+ ions, the 15 mg/L concentration of NOM was not sufficient to bind 0.044 µM Ag+
completely and thereby inhibit its toxicity. It is likely that NOM bound a small quantity of it,
however, this value must be almost negligible given the great disparity in the results between that
and Ag NPsNOM (105.4%) despite the similarity in culture conditions (i.e., the same AgNO3 was
used in combination to the same ratio of NOM when the Ag NPsNOM were synthesized). The lack
of a toxic response for the Ag NPsNOM is further evidence that Ag NPs dissolution is not a major
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issue as Ag NPNOM should be less stable than the traditional Ag NPsPVA as they are less spherical
and polydisperse due to the lack of control in their synthesis and thus should yield a lower
quality and less stable product. In addition, even if a small percentage of the 0.045 µM Ag
NPsNOM dissolved, the concentration was low enough that EDTA and NOM completely bound it,
as evidenced by the complete lack of toxicity observed for the culture with Ag NPNOM and NOM.
Some studies have indicated that the surface charge of the NPs capping agents may affect
NP toxicity, considering the interaction with the negatively charged cell membrane surface. For
some bacteria, positively charged capping agents on NPs caused increased growth inhibition69 70.
Hydrophobic polymeric capping agents, such as PVA, increase the Ag NPs attraction to other
hydrophobic surfaces, such as NOM63. In addition, NOM has been found to increase the negative
charge of uncapped Ag NPs15, thus potentially providing an explanation for the mechanism by
which NOM inhibits toxicity. It is also possible that NOM may replace other organic capping
agents with itself63, although this is unlikely given the covant bond between the PVA capping
agent and the Ag NPs71. For the Ag NPsPVA and NOM culture condition, it is possible that NOM
partially (88.7%) inhibited the Ag NPsPVA toxicity through either (1) binding most of the toxic
Ag NPsPVA through hydrophobic interactions, thus acting as a secondary coating; and/or (2)
replacing most of the PVA coating with NOM; where, in either case, there is a residual amount
of Ag NPsPVA still free to harmfully interact with the cell membrane. For the Ag NPsNOM and
NOM culture condition, the NOM is the only capping agent on the bare Ag NPs surface, where it
again may inhibit toxicity through the electrostatic repulsion of the negative cell surface and the
negative NOM-coated Ag NPs.
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2.3.6

Synergism of NPs and Norflurazon Mixture
The synergistic effect of the combined presence of two pollutants, a pesticide and a NP,

were also studied in the presence of 15 mg/L NOM to simulate environmentally relevant
conditions. In the presence of 20 µM norflurazon and 0.044 µM Ag NPsPVA with NOM, the
growth was 49.8% (Table 2.2). This result is significantly different than the result of 88.7% for
Ag NPsPVA with NOM and this result is significant compared to the growth of cultures
containing just 20 µM norflurazon in the presence of NOM (57.2%) as seen in Figure 2.7. In the
presence of 10 µM norflurazon and 0.044 µM Ag NPsPVA with NOM, however, the growth of
64.0% was observed as compared to the 86.2% relative growth of the culture containing 10 µM
norflurazon and NOM, as mentioned above (Table 2.2).

100.0%
80.0%
60.0%

10 µM

40.0%

20 µM

20.0%
0.0%
Norflurazon+NOM

Norflurazon+Ag NPs+NOM

Figure 2.7 Relative growth rates of Synechocystis PCC 6803 for comparing the synergistic effect
of norflurazon

In the case of the 20 µM norflurazon and Ag NPsPVA and NOM culture condition, the
growth rate was only slightly lower than the culture with 20 µM norflurazon and NOM which
appeared to indicate that reduced relative growth rate was mostly due to the presence of
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norflurazon. However, the low-level toxicity of Ag NPsPVA in the presence of NOM is not yet
accounted for (88.7%). If the toxic effects of Ag NPsPVA and norflurazon were additive, the
result would be theoretically about 31%, which is lower than the actual result (49.8%), so there is
no synergy present. Synergism becomes more evident in the 10 µM norflurazon case, where the
growth rates of 89.2% (norflurazon and NOM) and 64.0% (norflurazon, NOM and Ag NPsPVA)
have a greater difference. At this concentration of norflurazon, if the toxic responses to the
presence of each pollutant (Ag NPsPVA or 10 µM norflurazon) individually with NOM were
added, the growth rate response to the two-pollutant system in NOM would theoretically be 78%,
which is greater than the actual synergistic growth rate of 64.0%, indicating a more deleterious
interaction when both pollutants are present or a positive toxic synergy.

Relative Growth Rate
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40%

NOM

20%
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Ag NPs+NOM

Ag NPs+Norflurazon+NOM

Figure 2.8 Relative growth rates of Synechocystis PCC 6803 for comparing synergistic effects of
Ag NPs capping agents with 20 µM norflurazon (legend indicates capping agent type)

The effect of the capping agent was also tested in the presence of 20 µM norflurazon and
NOM to look at any synergistic interactions. The addition of norflurazon significantly reduced
the growth rates for both types of capping agents. Just as there was a significant difference in

66

growth rate between the capping agents when only NOM was present, there was again one when
20 µM norflurazon was added to the culture containing NOM and 0.045 µM Ag NPsNOM (62.4%)
and NOM and 0.044 µM Ag NPsPVA (49.8%). This appears to indicate that the type of capping
agent has an effect upon toxicity. However, it is not clear whether PVA is toxic or whether NOM
ameliorates Ag NPs toxicity more when it functions as the capping agent. Given the knowledge
above that NOM can act as a food source and enhances Ag NPs-cell repulsion, it is likely the
latter explanation.
Out of the two capping agents studied, the two-pollutant model system that is statistically
different from the growth rates of both pollutant individually (with NOM) is the PVA capping
agent. This demonstrates essentially no synergy when NOM is the capping agent, and a small
positive synergy when PVA is the capping agent but only at 10 µM norflurazon, as discussed
above. It is also interesting to note that the NOM capping of the Ag NPs did not appear to
decrease or increase the toxicity of norflurazon (the change in growth rates is the same when
norflurazon is added to either capping agent) and hence it appears that the NOM capping the Ag
NPs may be similar in terms of composition to the NOM in solution.
2.4

Environmental Relevance
With the knowledge that NOM can bind Ag ions and synthesize Ag NPs, it would seem

as though there may be a natural cycle that returns dissolved Ag+(aq) back to the Ag NPs form.
The length of time for this synthesis to occur in environmentally relevant conditions has been
studied by Akaighe and coworkers21. They determined that although Suwannee River humic acid
was more likely to form Ag NPs than sediment and soil humic acids during a 13-day interval, it
was also the only type of humic acid that had a significant decrease in Ag NPs concentration
over the course of 70 days, whereas the sedimentary humic acids maintained Ag NPs stability.
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Therefore, the interaction of organic matter with Ag NPs may be dependent upon its chemical
composition. In addition, Ag NPs formation is increased with greater temperatures. Considering
that the production of nanoscale Ag is increasing and that global temperatures are on the rise, the
presence of Ag NPs is increasingly likely, thus increasing the potential threat to freshwater
aquatic organisms. This threat may be lessened when normal amounts of organic matter are
present, although this effect has not been studied with many aquatic organisms.
The combined presence of multiple pollutants of different types of chemistries is not
unlikely. Along with the probable increases in nanoscale Ag production, the use and the
subsequent release into the environment of organic pesticides may only increase as the global
demand for food and crop production increases. As the results of this work indicate a potential
synergistic relationship between an organic pesticide norflurazon and metal Ag NPs, it is
probable that other synergistic relationships exist where the combined presence of two pollutants
would be more toxic than the individual presence of one of the pollutants.
The results of this study appear to indicate that at least naturally-formed Ag NPs in the
presence of aquatic NOM may not pose a threat to aquatic organisms. Currently, it is far more
probable that engineered Ag NPs constitute a greater threat than naturally-formed Ag NPs to the
aquatic environment due to their chemical properties as well as their potentially greater
concentration.
2.5

Conclusion
Our studies have demonstrated that Ag NPs have a toxic effect upon the BGA

Synechocystis sp. PCC 6803 at concentrations of 0.044 µM (44 nM), which is closer to the range
of actual measured Ag NPs concentrations in the environment (0.0003 to 5 nM 12) than
concentrations used by many other studies. This effect is not present in the presence of
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environmentally relevant concentrations of NOM, suggesting that NOM may inhibit the toxicity
of Ag NPs at those concentrations. These results appear to indicate that Ag NPs at low
concentrations may not present a threat to Synechocystis in freshwater environments due to
NOM. Our studies so far have not demonstrated whether there is a maximum concentration of
Ag NPs for which NOM will fail to inhibit the toxicity thereof. Also, the studies conducted were
only relevant for PVA and NOM capping agents. Other capping agents may have varying levels
of toxic effects.
Aquatic NOM may potentially enhance the toxicity of norflurazon at 20 µM. This
concentration is currently significantly greater than levels measured in freshwater environments
across the Unites States (4.3-13 nM), however, and considering that a reduction to 10 µM
resulted in a minor growth reduction, it is likely that norflurazon does not currently present a
threat to Synechocystis in most freshwater aquatic environments. However, the potential
synergistic relationship between norflurazon and Ag NPs when NOM is present may indicate
that, even at low levels of each pollutant, growth inhibition could occur, although perhaps on a
longer time scale.
The result that a 50% lower concentration of the organic pollutant norflurazon (10 µM) had
greater negative synergy than at 20 µM is somewhat disconcerting as it potentially suggests that
lower concentrations of multiple pollutants, i.e. at environmental concentrations, may induce
greater harm than high levels of one pollutant.
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CHAPTER 3. EFFECTS OF NATURAL ORGANIC MATTER COMPONENTS ON
BLUE-GREEN ALGAE

3.1

Introduction
Natural organic matter (NOM) has a highly complex organic profile that can be classified

by chemical moieties. As discussed in the introduction chapter, the most common groupings of
chemically distinct families of moieties in NOM are aliphatics, aromatics, carbohydrates, and
carboxylic acids. These components mainly come from decomposed plant matter, such as
proteins, pigments, lignins, and celluloses as well as cuticular waxes. These components are
diverse in terms of their polarity, dispersity, size, and acidity, giving rise to a multitude of the
types of interactions that NOM is capable of in the environment. Of these, the most relevant to
the work presented here are the interactions of NOM with pesticides, metals, and biological
surfaces.
The high level of NOM complexity and polydispersity makes it difficult to predict the
types of interactions that NOM can have with a biological organism or a pollutant, since it is not
likely that each component within NOM will play the same role to the same extent in its
interactions. Studying the roles of different moieties within NOM allows one to probe the
interaction mechanisms of NOM with various pollutants or biomembranes. Knowing the
different roles that the chemical groups within NOM play is important because the composition
of NOM varies considerably depending upon its source and its current environment (terrestrial,
aquatic, etc.). The interactions that NOM is capable of may be influenced by its composition. For
instance, soils that are rich in waxy materials, such as lipids, may differ considerably in their
interactions from soils that are high in lignin or cellulose content. NOM found in terrestrial
environments is typically less hydrophilic than NOM found in aquatic environments. The
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chemical properties and conditions of NOM, particularly pH, have been found to be related to
the sorption capacity of NOM in terms of pollutants1. The composition of NOM may determine
how much internalization occurs of a pollutant during sorption, which may be related to
desorption and is highly relevant when considering that NOM plays a role in the fate and
transport of pollutants, especially HOCs, in aquatic environments2. Recent work done in our
group has indicated that the degree of aromaticity affects the ability of humic acid to disrupt
model biomembranes46. Due to NOM’s complexity, valuable information can be obtained upon
careful separation of its components.
In order to thoroughly investigate NOM chemistries, some of these components are
removed through chemical editing processes. This process allows one to determine which
chemically distinct family of moieties is responsible for the observed chemistry without
modifying any other component3. The three types of chemical editing discussed in this chapter
are acid hydrolysis, bleaching, and lipid extraction. Acid hydrolysis targets the breakdown of
carbohydrate and peptide components4-5; bleaching removes aromatic groups6,7,8; and lipid
extraction separates out the cuticular lipid components9-10. In order to confirm that the chemical
editing procedures resulted in the removal of the target groups, solid state 13C NMR
spectroscopy was used. This technique is capable of verifying any specific change in the carbon
speciation of the edited NOM that correlates with the removal of the particular component.
Several studies have been conducted regarding the interactions of hydrophobic organic
compounds (HOCs), such as pesticides and polyaromatic hydrocarbons (PAHs), with different
chemically edited humic substances. Previously, the notion that HOCs interacted mainly with
aromatic components of NOM was almost universally accepted11,12,13,14; however, not all studies
support this. For example, two studies have demonstrated a strong interaction between two
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pesticides and the carbohydrate components of organic matter (OM) thru post-sorption
hydrolysis15,16. The carbohydrate components of humic acids were also found to contribute to
PAH sorption17, as well as the aromatic components of humic acid17,3b and the aliphatic (lipid)
components3b. Many studies point to an increased sorption of pesticides and PAHs post lipidextraction, i.e., an increased sorption when lipids are absent18,19,20 as well as decreased PAHs
desorption for lipid-extracted NOM21. A fractionated NOM sample demonstrated the highest
PAH sorption to the lipid component22.
Previous studies have investigated the interactions of edited humic acids with pesticides4
and research done in our group has covered the interactions of edited humic acids with model
biomembranes23,46. Almendros studied the sorption of 12 different pesticides to eleven different
types of chemically modified peat-derived humic acid, including one post-acid hydrolysis sample.
Pesticide sorption studies with the hydrolyzed humic acid sample resulted in a positive
correlation with respect to the H/C ratio of the pesticide, the total water accessible surface area of
the pesticide, and the total surface area of the pesticide; demonstrating that the removal of the
carbohydrate groups increased the overall hydrophobicity of the humic acid which resulted in its
ability to sorb aromatic pesticides. Prior research done in our group investigated the interaction
between model biomembranes and humic acids, and included hydrolyzed, bleached, and lipid
extracted humic acids from various sources, one of which was the same Suwannee River source
as the NOM used in these studies. The results from that study indicated that the amount of
membrane perturbation that occurred from the hydrolyzed humic acids was the greatest, while
the bleached humic acids interacted the least, with the conclusion that the aromatic components,
prevalent in the hydrolyzed humic acids, were primarily responsible for humic acid perturbing
the biomembranes.
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There have been several studies that have investigated the interaction of PAHs and
pesticides with different components of NOM as well as a few studies that have looked at
pesticide toxicity with respect to soil composition; however, most of these studies used soil
NOM, and no published study has investigated the effects of all three types of chemical editing
discussed here (lipid-extraction, acid hydrolysis, and bleaching) upon a pesticide. In addition,
studies between NOM and Ag NPs have been limited to unedited NOM, and so studies upon the
effects of different NOM component on Ag NPs toxicity are lacking. Finally, the effects of NOM
components upon the simultaneous presence of two chemically different pollutants have yet to
be studied. There is a growing need to fully understand the role of NOM in the presence of
multiple pollutants, which is not an unlikely scenario. The goal of this study is to determine
which component(s) of NOM is (are) responsible for the toxic responses to two pollutants that
were observed in the previous chapter through the use of three chemical editing techniques. The
chemically edited NOM samples were studied using the same types of test cultures that were
outlined in the previous chapter in order to probe the effect of NOM on the BGA toxicity of two
pollutants, namely the pesticide norflurazon and Ag metal nanoparticles.
3.2
3.2.1

Methods
Chemical Modifications of NOM

Bleaching of NOM:
Bleached NOM was prepared by allowing 1 g of dissolved Suwannee River natural
organic matter (SR-NOM; IHSS, Georgia) in 100 mL of water to react with 10 g of NaClO2
(Acros) and 10 mL of acetic acid (Acros, 99.8+%) at ambient conditions with stirring. The
supernatant is typically decanted and replaced every 24 hours for most humic substances;
however, due to the high solubility of SR-NOM and the lack of a precipitate, the solution was
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not decanted so as to not lose valuable product. Fresh reagents were still added every 24 hours,
with the total reaction time of 72 hours. The product of the reaction was separated from the
solution by dialysis (8000 MWCO, SpectraPor) against Milli-Q water for a total of at least three
treatments to remove any unreacted reagents as well as reaction byproducts. The dialyzed
solution was then placed under vacuum at 0.113 kPa and -88°C to freeze dry and resulted in a
cream-colored substance with increased water solubility.
Acid hydrolysis of NOM:
Acid-hydrolyzed NOM (hereafter, “hydrolyzed NOM”) was prepared by refluxing 1 g of
SR-NOM (IHSS, Georgia) in 300 mL of 6M HCl (Fisher) for 6 hours. Both the precipitate and
supernatant from the reaction mixture were dialyzed (8000 MWCO, SpectraPor) together against
Milli-Q water for a total of at least three treatments to remove the unreacted HCl and reaction
byproducts. The dialyzed reaction mixture was then placed under vacuum at 0.113 kPa and 88°C to freeze dry and resulted in an extremely dark brown product with decreased water
solubility.
Lipid extraction of NOM:
Lipid extraction of NOM was prepared through the use of a Soxhlet extraction apparatus
and a benzene:methanol (3:1 v/v, Mallinckrodt) azeotrope for the solvent, with 1 g of SR-NOM
(IHSS, Georgia) per 120 mL of benzene and 40 mL of methanol. The NOM was placed in a
paper extraction thimble (Whatman) in a chamber where it was only in contact with pure
condensed solvent. The azeotrope solvent was allowed to reflux for 72 hours, so that it would
evaporate from the reflux flask, condense in the extraction chamber, and then return to the reflux
flask along with any lipids that were extracted from the NOM. After the reaction was complete,
the extraction chamber was disconnected from the reflux flask and any residual solvent in the
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thimble was allowed to evaporate for a week in the fume hood. The product was not much darker
than the original NOM.
3.2.2

Instrumentation Techniques

Solid State 13C Ramp-CP MAS NMR Spectroscopy:
Ground NOM samples were carefully packed tightly into 4 mm-diameter zirconium
rotors. Data were collected on a Bruker Avance 400 MHz NMR spectrometer using a rampedamplitude cross-polarization (Ramp-CP) pulse program and magic angle spinning (MAS).
Chemical shifts were corrected with an external reference standard, glycine (Aldrich, 99+%),
with its 176.03 ppm peak. The rotor was spun at 14000 Hz to reduce the influence of spinning
side bands24 at the magic angle of 54.7° at ambient temperatures. The number of scans collected
per sample was 80000, with a sweep width of 600 ppm, a ramp of 50% with a cross-polarization
contact time of 2 ms, a pulse length of 4 µs, and a dwell time of 1 s. The resulting 13C FID was
integrated with a line broadening of 60 Hz, and all spectra were phased identically. Please refer
to the introductory chapter (Chapter 1) for further discussion.
Optical Density Measurements:
The cell concentration was measured by use of optical density on a double-beam Cary
100 UV-Vis spectrophotometer at ambient temperatures and the 730 nm wavelength at which
there is little absorbance by other compounds so that the measurement is essentially that of the
diffracted light due to the presence of the particulates, i.e., cells. The reference cuvette contained
BG-11 media for the blank. Please refer to the previous chapter (Chapter 2) for details of the BG11 media preparation.
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3.2.3

Culture Preparations
Media salts and silver nanoparticle synthesis reagents were purchased from Sigma-

Aldrich. Diuron and norflurazon were obtained from ChemService, Inc. Suwannee River natural
organic matter (reverse osmosis isolate) was purchased from the International Humic Substances
Society (Georgia, USA).
All media and aqueous culture additions were prepared with UV-sterilized Milli-Q water
with 18.2 MΩ resistivity and a total organic carbon concentration of less than 2 ppb (Direct 8
system, Millipore). Solid and liquid state BG-11 media was prepared according to the procedure
set out by Rippka25, and autoclaved to sterilize. Both liquid and solid media contained 10 µM
diuron and 5 mM glucose to maintain the blue-green algae (BGA) cultures in the heterotrophic
growth phase. All BGA cultures were inoculated in a biosafety cabinet (Purifier Class II,
Labconco) and were initially grown up on solid BG-11 media plates under lights in a 28°C
incubator. Plates were only used for a maximum of 3 weeks. BGA liquid cultures were prepared
through inoculation by transferring a sterile loop of cells from the plate to each flask containing
liquid BG-11 media.
3.2.4

NOM Solution Preparation
Natural organic matter (NOM) solutions were prepared by dissolving 37.5 mg of reverse

osmosis isolate of Suwannee River natural organic matter in approximately 10 mL of water; the
pH was adjusted to 6 using 0.1 M NaOH and the solution was allowed to stir overnight to fully
dissolve before re-adjusting pH and diluting to 25.0 mL. This procedure was followed in the
same manner for the chemically edited NOM solutions, with all solutions having a final
concentration of 1500 mg/L.
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3.2.5

Ag NPs Preparation
Ag NPs (6.75 ppm or 62.5 µM) were prepared by traditional methods by placing 30 mL

of 0.002 M NaBH4 solution stirring in an ice bath for 20 minutes followed by the addition of 2.0
mL of 0.001 M AgNO3 solution at a rate of 1 drop per second to the cold NaBH4 solution. The
mixture is then heated, covered with a watch glass to minimize volume loss, and 100 mg of
polyvinyl alcohol (PVA) is added to cap the Ag NPs (NPsPVA) when the solution is close to
boiling. The solution was then removed from heat and allowed to cool26. The Ag NPs solution
was stored in the dark at 5°C. Verification of Ag NPs formation and size was done with UV-Vis
absorbance. NPs absorb visible light at specific wavelengths due to surface plasmon resonance.
A narrow peak at 400 nm indicated the formation of Ag NPs of about 10 nm in diameter.
3.2.6

Culture Inoculation
All culture reagents were added to 150 mL of sterile liquid BG-11 media in a biosafety

cabinet and were prepared using the following additions. First, 1.50 mL of 500 mM glucose was
added to each flask using a sterile syringe and 0.22 µm nylon syringe filter to maintain media
sterility. For cultures containing NOM, 1.50 mL of 1500 mg/L NOM was added to each flask,
again using a sterile syringe and sterile 0.22 µm nylon syringe filter. Both diuron and norflurazon
stock solutions, 10 and 20 mM (respectively), were prepared in 100% ethanol (Fisher) for
solubility reasons. All culture flasks contained 0.150 mL of 10 mM diuron. For cultures
containing norflurazon, either 0.075 or 0.150 mL were added via infrared-sterilized syringe to
result in either 10 or 20 µM concentrations, respectively. Ag NPs solutions were added via sterile
syringe in 0.100 mL volumes. Sterile syringe filters were not needed for either the pesticide
solutions or Ag NPs solution due to the antibacterial properties of both ethanol and silver.
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Liquid culture flasks were placed in a 30°C incubator (Multitron) with 16:8 hour
light:dark conditions until the end of their growth cycle. Flasks were equipped with HEPA vent
air filters and bubbled with humidified air using a diaphragm pump. Daily culture aliquots were
taken using sterile pipettes for the purpose of measuring cell concentration. The volume
removed was minimized to 2 mL to reduce the impact on the culture. Error bars for the resulting
growth curves represent one standard error.
3.3

Results and Discussion
The chemically edited NOM samples were characterized by solid state 13C ramp-CP MAS

NMR in order to verify that the intended components were removed. The collected spectra can
be found in Figure 3.1 with the corresponding shift ranges noted. The relative area percentages,
via integration, of the shift ranges noted can be found in Table 3.1.

Figure 3.1 Solid state 13C NMR spectra of edited NOM samples. (From top to bottom:
hydrolyzed, lipid extracted, bleached, original NOM)
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Hydrolysis was conducted with NOM in order to break down the carbohydrate and
peptide moieties present. Compared with the 13C NMR spectrum of the original unedited NOM,
the hydrolyzed NOM spectrum has a noticeably reduced peak in the 60-90 ppm range, which is
the chemical shift range for heteroaliphatic carbons, i.e., oxygen- or nitrogen-bound carbons such
as those found in carbohydrates, methoxyls, or peptide bonds. This is also can be seen by
integrating each spectrum and comparing the relative percent area as in Table 3.1 below, where
the relative area of the 60-90 ppm range decreased from 16.2% to 10.4%.
The goal of the lipid extraction editing technique was to remove aliphatic carbon groups.
The 0-60 ppm range is the chemical shift range for aliphatic carbons, which include saturated
and unsaturated, long chain, short chain, and ring hydrocarbons for the lipid extracted NOM
spectrum is almost absent. This peak in this range is almost absent. This corresponds to a
decrease in relative percent area from 37.7% to 21.7% in the 0-60 ppm range.
In order to remove the aromatic components, NOM was bleached. One of the peaks on
the bleached NOM spectrum that is different than the original NOM spectrum is in the range of
110-165 ppm, a range at which corresponds to the chemical shift range of aromatic carbons. This
matches the percent decrease of 17.0% to 10.9% found when integrating each spectrum. The 13C
NMR spectral results also suggested a loss in the aliphatic range for the bleached NOM sample,
however, considering the relative percent areas of the 0-60 ppm range in Table 3.1, the percent
composition of alkyl moieties for the bleached NOM is similar to the original NOM. The reason
for this is that as one removes a family of moieties, the relative percentages of the other moieties
increase. The reduction in the alkyl moieties during the bleaching process could indicate that (1)
there is an association between the aliphatic (alkyl) and aromatic families of moieties and (2)
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during the destruction of the aromatic moieties, there may have been a release of small alkyl
moieties that were not contained in the dialysis tube.
Another way of looking at the data and what is occurring during the chemical editing
process is to monitor the groups that are being concentrated: (i) during hydrolysis, the relative
content of aromatic moieties is increased; (ii) during lipid extraction, the aromatic moieties,
closely followed by the carbohydrate (O-alkyl) moieties, are concentrated; and (iii) during
bleaching, the alkyl and especially the carbohydrate moieties have been concentrated.

Table 3.1 13C NMR results of relative percent areas of chemical moieties in NOM
Chemical Shift (ppm)

165-110

110-90

90-60

60-0

Aldehyde/
Ketone
5.6%

190-165
Carboxyl/
Amide/
Ester
13.2%

Aromatic
39.7%

Di-OAlkyl
6.2%

N- or OAlkyl
10.4%

Alkyl
25.0%

Lipid extracted NOM

3.1%

11.9%

29.3%

10.3%

23.7%

21.7%

Bleached NOM

6.6%

16.1%

10.9%

6.6%

24.3%

35.4%

Original NOM

6.5%

16.3%

17.0%

6.3%

16.2%

37.7%

Sample
(Relative Areas)
Hydrolyzed NOM

3.3.1

220-190

Studies of Relative BGA Growth with Edited NOM and Pollutants
The chemistries of the edited NOM samples with the BGA surface and pollutants were

compared with the original unedited NOM sample though the BGA growth rates. All growth
rates reported here are analyzed in the same manner as in the previous chapter where they are
calculated as a percentage of the growth rate relative to the control flask that is grown alongside
each culture, which contained no added pollutant or NOM. Each type of culture was again grown
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in triplicate and was repeated at least twice, thus the error bars represented the standard error
from at least 6 cultures.

Table 3.2 Summarized relative growth percentage results of Synechocystis PCC 6803 cultures
grown in edited NOM and pollutants
Original

Lipid Extracted

Hydrolyzed

Bleached

Norflurazon + NOM

57.2 ± 2.4%

32.8 ± 11.6%

80.5 ± 17.4%

59.1 ± 1.7%

Ag NPs + NOM

88.7 ± 8.8%

110.0 ± 7.6%

96.6 ± 3.1%

99.2 ± 2.1%

Norflurazon + Ag NPs + NOM

49.8 ± 4.1%

27.6 ± 6.9%

56.2 ± 7.6%

47.9 ± 6.3%

Lipid
Extracted

Hydrolyzed

Bleached

Growth percent relative to
control flask

140.0%
120.0%
100.0%
80.0%
60.0%
40.0%
20.0%
0.0%
Original

!

!

Figure 3.2 Relative growth results for Synechocystis PCC6803 cultures containing edited NOM
with 20 µM norflurazon

3.3.2

Norflurazon with NOM Growth Conditions
As seen in Figure 3.2, the composition of NOM used in this study does influence the

relative toxicity of pesticide norflurazon at 20 µM concentration. Both the lipid extracted and the
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hydrolyzed NOM modifications resulted in relative growth rates (32.8% and 80.5%,
respectively) that were significantly different than the original NOM sample (57.2%), while the
bleached NOM sample was not.

Figure 3.3 Structure of norflurazon

The lack of a difference in the relative growth rate result between the bleached NOM and
the original NOM suggests a lack of an interaction between the aromatic components of NOM
and the pesticide norflurazon or the BGA surface. This is somewhat surprising, given the
structure of norflurazon (Figure 3.3) as well as the majority of literature findings27,12,13,14, which
collectively would lead one to predict that norflurazon would interact with aromatic moieties in
NOM via π-π stacking. However, these findings are consistent with a recent study by Sun and
coworkers28 which reported that the aromatic components within sediment OM are not
necessarily the main players in the sorption of norflurazon. In fact, the Sun and coworkers study
concluded that, while norflurazon sorption to OM may be facilitated in part by both the aliphatic
and aromatic components, hydrogen-bonding might be the major interaction between
norflurazon and hydrolyzed OM. Up to this point, the results in this work along with that of Sun
and coworkers indicate that the aromatic components are not the main players in the norflurazon
sorption to NOM, and hence, are not the main contributors to the ability of NOM to lower the
potential toxicity of norflurazon.
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The lipid-extracted NOM study resulted in greater norflurazon toxicity than any of the
edited or unedited NOMs. This would indicate that, for the NOM used in these studies, the lipid
components in NOM decrease the toxicity of norflurazon. As discussed above, this finding is a
bit surprising given the large amount of literature that (1) indicates that hydrophobic organic
compounds (HOCs), like norflurazon, sorb to the aromatic components within NOM27,12,13,14 and
that (2) the aromatic content of NOM determines its ability to reduce HOCs toxicity29,30.
Recently, this once almost universally accepted view has come into question. Studies by Salloum
and coworkers31, Mao and coworkers32, Chefetz and coworkers33, Chen and Xing34, Chefetz35,
Yang and coworkers36, and Chefetz and Xing37 have all indicated that lipids components within
NOM may play an important role in the sorption of hydrophobic compounds; however, studies
with chemically edited NOM samples have yielded results which were not highly conclusive17,3b.
With this in mind, the result in this study where the toxicity of norflurazon increased in the
presence of lipid-extracted NOM as compared with the unedited NOM adds further evidence to
the emerging opinion that lipid components in NOM could be major role players in the sorption
of HOCs.
The study using hydrolyzed NOM renders norflurazon the least toxic out of all NOMs
studied, which is expected as the hydrolyzed NOM sample contains concentrated lipid and
aromatic components, both of which are involved in the sorption of norflurazon to NOM,
reducing it bioavailability, and hence, toxicity to BGA. Prior results from our group on studies
with model membranes have suggested that NOM interacts with biomembranes via hydrogen
bridging, as the carbohydrate components would be ideal for this type of bridge38. It could also
be postulated that the removal of these components would mean that NOM would not be able to
interact with BGA’s biomembrane. Although intriguing, the discussion of this must take into
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account the active cellular process of BGA, which is outside the scope of this research.
Nevertheless, the above data lead to the conclusion that the lipid components within Suwannee
River NOM are more effective at reducing the toxicity of norflurazon to BGA than their
aromatic or carbohydrate counterparts.
Lipid extraction of NOM resulted in a decreased relative growth rate, thus a more toxic
effect. This result may mean that the aliphatic groups interacted with either the norflurazon or the
BGA surface and acted as a protecting group. The removal of carbohydrates by hydrolysis
resulted in almost 100% growth, thus a significantly reduced toxic effect. This suggests that the
carbohydrate groups interacted with the pesticide or BGA surface, and potentially played a
significant role in the toxicity of norflurazon.

Growth percent relative to
control flask

140.0%
120.0%
100.0%
80.0%
60.0%
40.0%
20.0%
0.0%
!Original

Lipid
Extracted

Hydrolyzed

!Bleached

Figure 3.4 Relative growth results for Synechocystis PCC 6803 cultures containing edited NOM
and Ag NPs
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3.3.3

Ag NPs with NOM Growth Conditions
Edited NOM was also investigated in the presence of Ag NPs (NPsPVA), and the results of

the relative growth studies are shown in Figure 3.4. As discussed in the previous chapter, NOM
appeared to reduce, or nearly eliminate, the toxic effect of Ag NPs on BGA. The relative growth
rate for the culture grown in the presence of hydrolyzed NOM was not significantly different
from the original unedited NOM. However, the relative growth rates for both the bleached
(99.2%) and lipid-extracted NOM samples (110.%) were greater than that for the original NOM
(88.7%).
Similar to the original unedited NOM, each type of edited NOM appeared to significantly
reduce the toxicity of Ag NPs, considering that the relative growth rate in the presence of Ag
NPs without NOM was 25.8% (see Chapter 2). The relative growth rate for the cultures grown in
the presence of edited NOM were equal to or greater than the unedited NOM, with the lipidextracted NOM having the relative growth rate of well over 100%. As discussed in the previous
chapter, growth rates greater than the control (culture without any pollutant or NOM) are
potentially due to the usage of NOM as a food source for the BGA39,40,41. Thus, the increased
growth rate with respect to the original NOM in the absence of both the aromatic and aliphatic
components, both of which make up the hydrophobic regions of the NOM, suggests that the
remaining more hydrophilic components appear better suited to bind the Ag NPs and, by doing
so, reduce Ag NPs toxicity. This improved binding may occur due to greater access to the
hydrophilic domains of NOM when hydrophobic components are removed. However, these
hydrophilic components may not include carbohydrate and peptide functionalities, as there was
no decrease in growth when those components were removed. The lack of a significant
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difference between the hydrolyzed NOM and the original NOM appears to indicate a lack of an
interaction between the carbohydrate and peptide moieties and the Ag NPs. The few literature
results that have investigated Ag-NOM interactions support the notion that the hydrophilic
components are responsible. It was previously hypothesized that Ag+ ions bind to groups in
humic substances in the following order of preference (high to low): N-, S- and O-containing
groups42, suggesting a potential preference for amino groups. Another study determined that
reduced sulfur-containing groups were the main binding sites for metal ions such as Ag+ 43. A
more recent study on Ag NPs, however, stated that the Ag+-humic acid complex was formed by
oxygen-containing groups in alcohols, carbonyls, and carboxylic acids in conjunction with
aromatic and aliphatic components44. Two of these studies suggest that Ag+ would likely interact
with components that would be absent in the hydrolyzed NOM and, thus, it is unclear whether or
not the reduced Ag0 form would preferentially interact with similar NOM components, or if its
PVA coating would change the type of interaction. Alternatively, outside of potentially having
additional Ag binding sites that reduce Ag NP toxicity, the bleached and lipid-extracted NOM
may serve as a food source for BGA; again, this could be due to improved access to the
hydrophilic components. This hypothesis is supported by the lipid-extracted growth result of
110.% and several literature findings. These findings include a study of freshwater
bacterioplankton demonstrated that they consume both humic and non-humic NOM, and that this
consumption is dependent upon the presence of light39. A different study by Rosenstock and
Simon found that freshwater bacterioplankton consume dissolved carbohydrates and amino acids
that are bound to humic substances without a preference for molecular weight40. Interestingly, a
paper by Tranvik demonstrated the preference of bacterioplankton for the peptides and
polysaccharides found the high molecular weight fraction of humic substances41. The hydrophilic
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components in these studies are, again, components that were mostly removed in the hydrolyzed
NOM sample and, thus, the hydrolyzed NOM results do not match these findings. This, in turn,
leads to more weight being placed on the influence of NOM composition on its ability to interact
with and influence the toxicity of Ag NPs.
An explanation that matches all of the above findings is that, considering that the original
NOM growth result is a baseline and that the hydrolyzed NOM protects BGA just as well as the
original NOM, then multiple components of NOM – aromatic, aliphatic, and carbohydrate –
equally protect BGA. Thus, the improved growth results of the bleached and particularly the
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lipid-extracted NOM may point to the usage of NOM as a food source.
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Figure 3.5 Relative growth results for Synechocystis PCC 6803 cultures containing edited NOM,
20 µM norflurazon (Nor) and Ag NPs

3.3.4

Norflurazon and Ag NPs with Edited NOM Growth Conditions
The two above studies (3.3.2 and 3.3.3) provide the baseline data for the investigation

into whether there is a synergetic relationship between norflurazon and Ag NPs (NPsPVA).
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Consequently, the final studies with the edited NOM were completed in the presence of both the
pesticide norflurazon at 20 µM and Ag NPs (NPsPVA) (Figure 3.5). For the cultures grown with
the original NOM, the relative growth rate for the BGA culture grown in the presence of both
norflurazon and Ag NPs were only slightly lower than for those samples treated with norflurazon
without NOM (66.5%, Figure 2.5 in last chapter). Overall, the averaged relative growth rates
occurring with the two pollutants and any type of NOM were less than 60%.
The two pollutants with bleached NOM culture did not, once again, show a statistically
significant difference from the original NOM sample. The relative growth rate for the culture
containing the two pollutants with hydrolyzed NOM was also not significantly different than that
with the two pollutants and unedited NOM. The only significant difference was for the culture
grown with the two pollutants and lipid-extracted NOM, which grew at the relative rate of 27.6%,
which was lower than the relative growth rate of the culture that contained the two pollutants and
the unedited NOM.
For the cultures grown with the original NOM, the relative growth rates for the cultures
containing both norflurazon and Ag NPs were only slightly less than for the cultures containing
just norflurazon (Figure 2.7 in Chapter 2). The reduced growth rates in these two-pollutant flasks
can be attributed primarily to the toxicity of norflurazon. However, for all types of NOM studied
here, the presence of two pollutants (norflurazon and Ag NPs) consistently resulted in a lower
average growth rate compared to that observed in the presence of each individual pollutant
(norflurazon or Ag NPs) and NOM (Figure 3.6). Out of the three edited NOMs studied here,
bleached NOM demonstrated the only statistically different relative growth rate when in the
presence of one pollutant (norflurazon) compared to the presence of both pollutants (norflurazon
and Ag NPs) (Figure 3.6). This significant difference is also true for the original unedited NOM;
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thus indicating that the potential synergism observed for the original NOM is, in general, not
related to the aromatic components.
Upon comparison of two-pollutant systems alone, bleached NOM was again not
statistically significantly different than the original sample, indicating the lack of an interaction
between the aromatic components in NOM and the norflurazon or the BGA surface. The relative
growth rate for the culture containing hydrolyzed NOM was also not significantly different from
the unedited NOM, indicating either the lack of importance of the role of carbohydrates in the
interaction between the three components (pesticide, metal nanoparticle and BGA surface) or,
more likely due to the complexity of the system, this result was the cumulative effect of multiple
interactions – e.g., the Ag NPs-BGA interaction, the norflurazon-BGA interaction, the NOMBGA interaction, the NOM-norflurazon interaction, etc. The only significant difference was for
the lipid-extracted NOM culture which, similarly to the culture that contained the norflurazon
pollutant and lipid-extracted NOM (see Figure 3.2 above), also resulted in a decreased relative
growth rate. However, these two growth rates for the one pollutant (norflurazon) system and the
two pollutant (norflurazon and Ag NPs) system were not significantly dissimilar for the lipidextracted cultures, leading to the conclusion that the norflurazon was the main toxic agent in both
systems and that the aliphatic components were the ones responsible for the reduction in
norflurazon’s toxicity. What is not clear, however, is whether the aliphatic components reduced
the norflurazon toxicity by (1) sorbing norflurazon, (2) inhibiting norflurazon’s access to the
interior of the cells, or (3) a combination of the two.
These results all appear to point to the lack of the role of aromatic groups in the inhibition
or the enhancement of pollutant toxicity. This may appear to conflict with the study that was
conducted in our group, in which it was determined that the aromatic groups were responsible for

96

model biomembrane perturbation by humic acid46. However, the latter study could not replicate
additional factors, such as carbohydrate-coated cell walls, that may have dictated which NOM
components are able to interact with the cell membrane. Nevertheless, it is reasonable to propose
that either the more complex natural biomembrane or the active processes occurring within
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Figure 3.6 Cumulative relative growth results for Synechocystis PCC6803 cultures containing
different combinations of edited NOM, 20 µM norflurazon (Nor) and Ag NPs

3.3.5

Additional Studies At Reduced Pesticide Levels
A few of the above studies were also repeated at a lower concentration of 10 µM

norflurazon (Figure 3.7). Due to the suggested interactions of the lipid-extracted NOM with the
presence of 20 µM norflurazon, a reduced concentration of norflurazon was tested and the results
were compared those obtained with the original unedited NOM. The relative growth rate
increased to about 74.2% for the culture grown with 10 µM norflurazon and lipid-extracted
NOM. A 57.5% increase in the relative growth rate was also observed for the culture grown with
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10 µM norflurazon, Ag NPs, and lipid-extracted NOM. While these results are still not
significantly different from one another, it is possible that the lower value for the culture with the
two pollutants (norflurazon and Ag NPs) reflects some potential synergistic interactions between
these two pollutants, especially considering that in the presence of just Ag NPs and lipid
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extracted NOM, the relative growth rate was over 100%.
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Figure 3.7 Relative growth results for Synechocystis PCC6803 cultures containing edited NOM
and 10 µM norflurazon (Nor)

3.4

Environmental Implications
NOM varies in composition in different environments. Suwannee River (SR) NOM is the

most well-studied and characterized aquatic NOM, however, it is not necessarily representative
for all types of aquatic NOM. SR-NOM is collected from the beginning of the SR where it exits
the Okefenokee Swamp in Georgia (USA), which is primarily a “blackwater” peat swamp. The
component profile of SR-NOM can be found in Table 3.1. Other aquatic NOMs may have varied
compositions, e.g., greater carbohydrates content. Isolating the impact of NOM by its
components is useful for predicting the interactions of NOM in various environments. For
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example, if future studies were capable of confirming the perturbation effects of the lipid
components and if a region of land (next to a cropland where there are pesticides or a wastewater
treatment outlet out of which Ag NPs flow) was known to have a large percentage of aliphatic
moieties in the NOM, that region could be carefully regulated or treated to minimize the
environmental impact of the pollutant. For instance, in one study, an effluent from a modeled
wetland was shown to range between ~35 and 45% in aliphatic content45, which is greater than
the reported 23% for SR-NOM.
3.5

Conclusions
Suwannee River NOM was successfully chemically edited where three different chemical

components were removed: lipids, aromatics, and carbohydrates. The resulting edited NOM
samples were used to determine the effect of the edited NOMs on the toxicity of two pollutants,
norflurazon and Ag NPs, both individually and together, on the BGA Synechocystis.
In terms of the toxicity of norflurazon, the lipid components appeared to be the major role
players in this interaction. In the absence of the lipid components, norflurazon’s toxicity
increased, suggesting that norflurazon’s toxicity was reduced by the lipid components. The
reduced toxicity in the hydrolyzed sample, in which only aromatic and lipid components
remained, suggests that the carbohydrate components played a role in norflurazon’s toxicity.
All cultures containing different types of NOM appeared to reduce the toxicity of Ag NPs.
The major difference again occurred with the lipid-extracted NOM sample, where, in the absence
of the lipid components, the growth rate increased to above 100%. This suggests that the
aromatic and carbohydrate components play a role in inhibiting the Ag NPs toxicity, and that
they also may play a role in enhancing the growth of BGA.
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A potential small synergetic relationship between Ag NPs and norflurazon was found
when the bleached NOM was present, but not for the other chemically edited NOM samples.
Here, the toxicity of norflurazon and Ag NPs combined was greater than the toxicities of either
norflurazon with bleached NOM or Ag NPs with bleached NOM added together. The bleached
NOM growth rates were not significantly different than growth rates using the original NOM,
suggesting that the potential synergy observed was not due to interactions with the aromatic
components.
3.6
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CHAPTER 4. THE IMPACT OF TWO TYPES OF ORGANIC POLLUTANTS ON
ALGAE IN MODEL AQUATIC ENVIRONMENT
4.1

Introduction
The field of nanotechnology has expanded greatly in recent years, in part due to the

unique properties of nanomaterials and the knowledge of how to control these properties1. These
recent advances have led to the increased usage of nanomaterials in a diverse range of fields,
which also has led to the inevitable release of these nanomaterials into the natural environment,
in particular, aquatic ecosystems2. Carbon nanotubes are one type of nanomaterial that presents a
particular threat due to multiple potential routes of entry into the environment3,4. The role that
carbon nanotubes play upon entering the environment has not been thoroughly studied. In the
natural environment, there are a multitude of components to interact with, from the ubiquitous
natural organic matter to biological organisms to other pollutants that may be present.
Carbon nanotubes (CNTs) are one of the more commercially promising nanomaterials
owing to their unique and superb mechanical, electrical, thermal, and chemical properties1,3,4b.
Since their initial synthesis in 19915 a variety of surface modifications have been tested which
have resulted in a rise in their number of uses. Their wide range of applications ranges from
consumer products such as paint and sporting goods4b, 4c to aerospace applications6 to
construction materials7. In 2007, worldwide production of CNTs was over 300 tons/year and the
market was worth over $200 million8, with multi-walled CNTs encompassing over 97% of the
CNTs produced. Expected routes of entry for CNTs into the environment include industrial soot3,
weathering of construction materials, industrial wastes9, and disposal of CNTs-containing
products to landfills and waste incinerators4c. The environmental concentrations of CNTs have
been modeled due to the difficulty of measuring CNTs concentration in the environment, and so
far have predicted environmental conditions of the addition of 0.56 ng/kg each year for soil, and
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of 0.001 and 8.6 ng/L in surface waters and wastewater treatment plant effluent, respectively, for
the United States4c. Another study had predicted environmental concentrations of 10 ng/kg of
soil and 0.5 mg/L in water4a. Although these concentrations are low, they are anticipated to
greatly increase as CNTs production increases.
There are essentially two main types of CNTs: single- and multi-walled (SWCNTs and
MWCNTs, respectively). A single-walled CNT is simply a graphene sheet that has been rolled
up into a hollow tube shape where the diameter of the tube is less than 100 nm and the length of
the tube is in the micron range. Multi-walled CNTs are similar, being comprised of multiple
concentric tubes akin to a Russian doll concept. Without functionalization, CNTs are prone to
agglomerate into bundles due to strong van der Waals forces along their side walls10. Dispersion
of CNTs in aqueous solutions is usually accomplished through the use of surfactants, polymers,
and CNT surface functionalization11,12. There are many types of functionalized CNTs where
different organic functional groups are covalently bound to the CNTs surface. Functionalization
is made possible on the CNTs surface through ultra-sonication in concentrated nitric and sulfuric
acid, which creates oxidative defects in the graphene sheet, or through refluxing in nitric acid,
which oxidizes at the tube ends and at defect sites. Both of these result in carboxyl group
functionalization, which can be modified further to obtain amides or esters, or attach polymer
chains. Addition reactions across the pi bonds can be used to produce the following substituents:
-H, -F, -phenyl, -OH, etc., while substitution reactions result in amines and ethers and allow for
cross-linking between tubes12. Functionalization of CNTs includes chemical, electrochemical,
and photochemical methods, and is not limited to organic groups only – metal- and silica-coated
CNTs are also available for purchase. The most commonly studied form of CNTs are those with
carboxyl-functionalized groups13.
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The toxicity of carbon nanotubes appears to be rather species-specific. The marine algae
Dunaliella tertiolecta, Isocrisys galbana, and Tetraselmis suecica as well as the shrimp Artemia
salina had a toxic response to 66 mg/L SWCNTs, but the sea urchin Paracentrotus lividus did
not14. Escherichia coli cells lost viability quickly in 40 ppb SWCNTs15, however, SWCNTs were
not toxic to Vibrio fischeri bacteria, green algae Pseudokirchneriella subcapita, Chydorus
sphaericus crustaceans, or soil bacteria16. The green algae Chlamydomonas reinhardtii had
reduced photosynthetic activity at 2 mg/L SWCNTs17. Multi-walled CNTs are more consistently
toxic. Oxidized MWCNTs reduced the photosynthetic ability of Dunaliella tertiolecta with an
effective concentration of 0.82 mg/L18. Functionalization may also play a role in toxicity –
Ceriodaphnia dubia had a toxic response to unfunctionalized MWCNTs, but not to the hydroxyland carboxyl-functionalized ones19. Agglomeration state may also affect toxicity – MWCNTs at
100 mg/L were toxic to E. coli when dispersed20, but SWCNTs were toxic to human cancer cells
when agglomerated at 7.5-30 mg/L21. The water flea Daphnia magna did not have demonstrated
toxicity to the MWCNTs that it up took in the short term, but was unable to excrete all of the
CNTs from its gut4b.
Recently, several studies have also been undertaken to investigate the effects of sonicated
CNTs on toxicity. As mentioned before, sonication is another dispersion technique, however, it
also can change the physical properties of CNTs by shortening them. This change appears to
increase toxicity. Unfunctionalized CNTs inhibited the growth of the diatom algae Thalassiosira
pseudonana and were toxic to the copepod Tigriopus japonicas and the medaka fish Oryzias
melastigma, however, their respective EC50 values (mean effective concentration) decreased by
at least 1 magnitude when the CNTs were sonicated for 2 hours22. An increase in toxicity was
also observed for zebrafish embryos where the MWCNTs that were sonicated for 48 hours in
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nitric acid resulted in severe toxicity but the MWCNTs sonicated for 24 hours did not induce
toxicity23. Even a two-minute sonication period increased the toxicity of SWCNTs for some
freshwater aquatic organisms: e.g. the amphipod Hyalella azteca, midge Chironomus dilutus,
and the mussel Villosa iris24. The toxicity of 10-min sonicated MWCNTs was also observed for
two sediment-dwelling organisms25.
The toxicity of CNTs may not be environmentally relevant until the effect of natural
organic matter is taken into account, since natural organic matter has been shown to enhance
CNTs dispersion3 and it has also been shown to affect biomembrane permeability26. Natural
organic matter (NOM) is composed of decaying and decayed biological matter and is
omnipresent in the natural environment27. NOM is a heterogeneous mixture of weakly associated
molecular assemblies28. NOM is composed of hydrophilic and lipophilic molecules, such as
carboxylic acids, lipids, aromatics, carbohydrates, amides, and thiols27 that interact through
hydrogen bonding, π-π interactions, and van der Waals forces29. NOM can be separated into
three components: the hydrophobic humin (fraction insoluble in water), humic acid (HA, fraction
soluble in water above pH 2) and fulvic acid (entirely soluble in water)27. The most relevant form
of NOM in studying an aquatic system is Suwannee River NOM as it is the most well
characterized aquatically-derived NOM, is commercially available, and is commonly used in
environmental research. A large fraction of this dissolved NOM is fulvic acid30.
Due to its chemical diversity, NOM can interact with both inorganic and organic
compounds, and is capable of a variety of chemical functions, from pH buffering to nutrient
uptake and release. In addition, NOM can sorb hydrophobic molecules such as organic pesticides
and polyaromatic hydrocarbons (PAHs)29 31 32. Not surprisingly, NOM has also been shown to
interact with CNTs. A study by Hyung and coworkers demonstrated that Suwannee River NOM
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was a better dispersing agent for MWCNTs than the commonly-used surfactant sodium dodecyl
sulfate and that increasing concentrations of NOM resulted in greater MWCNTs suspension up
to 100 mg/L NOM3. The same group found in another study that (1) the sorption of Suwannee
River NOM onto the CNTs surface was greater at lower pHs and higher ionic strengths, that (2)
higher NOM aromatic content resulted in greater sorption, and that (3) greater sorption was
correlated with a greater amount of MWCNTs suspended in solution33. A study with tannic acid,
a known component of dissolved organic matter, suggested that the maximum concentration
which tannic acid could suspend MWCNTs was 20 mg/L, which is considerably lower than the
result found for NOM11. This work also demonstrated no trend between MWCNTs diameter and
the amount of CNTs suspended. The ability of NOM to suspend CNTs may be nevertheless
different depending upon CNTs diameter. In a study that compared the effects of Suwannee
River humic acid (HA) on SWCNTs and MWCNTs, there was a loss of HA sorption at high HA
concentrations (around 100 mg/L) and decreased suspension at higher ionic strengths for
MWCNTs, whereas SWCNTs did not have a loss of HA sorption, aggregated at high HA
concentrations (around 250 mg/L), and their suspension was not affected by changing ionic
strengths34.
The sorption of NOM onto CNTs is usually attributed to interactions between the
lipophilic components of NOM and the nonpolar CNTs in an aqueous environment35. However,
additional studies have demonstrated that CNTs can interact with hydrophilic components as
well. A study with biomacromolecules, Suwannee River humic acid, and SWCNTs combined
demonstrated (1) increased CNTs suspension stability for the biomacromolecule protein bovine
serum albumin (BSA), which was attributed to the steric repulsion of the globular structure of
BSA attached to the CNTs surface, and (2) decreased CNTs suspension for the
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biomacromolecule polysaccharides (alginate), which was due to aggregation and suggested that
polysaccharides bridged the CNTs36. The effect of carbohydrates on CNTs suspension may be
dependent upon the polysaccharide – amylose enhanced SWCNTs suspension in a different
study37.
The effects of NOM on CNTs toxicity have not been extensively studied. The growth
reduction of D. magna in response to 2.0 mg/L MWCNTs was not affected by Suwannee River
NOM concentration, however, when other aquatic NOMs were tested, the MWCNTs mean lethal
concentration did vary, with a possible trend that greater phenol content resulted in greater
toxicity inhibition38. A second study tested NOM as a dispersant and determined that NOM
enhanced the MWCNTs suspension, which increased the MWCNTs toxicity in both Chlorella
vulgaris and P. subcapita algal cultures39. Both of these studies used sonicated CNTs with NOM.
Tests with sonicated CNTs may be an overestimate of toxicity, and in addition, sonication may
also effect the NOM-CNTs interaction.
The effect of additional organic pollutants, due to their prevalence in the aquatic
environment, is a relevant consideration when studying the ecotoxicity of CNTs. Organic
pollutants enter aquatic systems frequently through agricultural pesticide run-off 40 and PAHs
from road/parking lot run-off41,42. Similarly to NOM, CNTs have also shown their capacity to
sorb organic pollutants such as pesticides and PAHs43. The three pesticides diuron, fluridone, and
norflurazon all had much greater sorption to carboxyl-functionalized CNTs than soil organic
matter or black carbon in a study by Sun and coworkers32. Sorption of the pesticides was higher
for SWCNTs and narrow MWCNTs (<10 nm) than larger MWCNTs, which was attributed to the
greater surface area. The pesticide-CNTs interaction was attributed to π-π hydrophobic
interactions and hydrogen bonding. Another study examined the competitive sorption of different
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PAHs and found that there was a lack of competition when the concentration of the first PAH
was high and the other PAHs was low, but when the reverse was true, there was competition31.
This suggests that there are certain adsorption sites on the CNTs surface and that there is a limit
to the amount of sorbates CNTs can adsorb. Although slightly different to CNTs, black carbon
was shown to reduce the toxicity of the herbicide diuron with the freshwater algae P. subcapita44.
The studies in this chapter were conducted using the herbicide norflurazon, used in cotton and
orchard agriculture, since it is a significant environmental pollutant, having been detected in
surface waters across the United States45,46,47,48,49 and is possibly toxic to multiple aquatic
organisms50.
As evidenced by the studies listed above, many ecotoxicity tests of CNTs investigate algae.
Blue-green algae, or cyanobacteria, are one of the world’s significant sources of atmospheric
oxygen51. The cyanobacteria Synechocystis are unicellular gram-negative prokaryotes with
photosynthetic abilities that have caused them to be well-characterized. In addition, they are on
the bottom of the food web and serve as a source of food for many organisms52. This is important
because, whether or not CNTs are toxic to an algal species, there is still the potential for CNTs to
become attached to algal polysaccharide surfaces18 and be consumed along with algae4b, which
may result in bioaccumulation. This will indirectly impact other organisms through a process
called bioaccumulation where the concentration of a pollutant increases as it travels up the food
chain. Thus, concentrations that are low and nontoxic to algae may accumulate and be toxic to
higher-level organisms.
From the discussion above, it can be seen that an approach that includes NOM and
additional pollutants must also be considered in this CNTs-cyanobacteria investigation. NOM
has been shown in previous studies to interact with algal membranes, but the type of interaction
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appears to be dependent upon the type of NOM, the species, and the pH 26 53 70. For instance,
Suwannee River NOM decreased the growth of the algae Monoraphidium minutum, but
enhanced the growth of M. convolutum; however, these results were reversed for another type of
NOM54. In addition, a second study reported an initial growth enhancement by multiple aquatic
NOM types to the algae Desmodesmus communis and the cyanobacteria Chroococcus minutus,
but that there was overall a decrease in growth55. Both of these studies attributed the growth
enhancements to nutrients and growth promoting substances in NOM, and suggested that
decreased growth was due to decreased photosynthesis that had been inhibited by NOM. Another
study on the green alga Scenedesmus and Chlorella and the blue-green alga Synechococcus
leopoliensis and Planktotrix rubescens with humic acid at pH 6 indicated the increased growth
for the green algae but no effect for the blue-green algae species56. The direct interaction of
NOM with cell membranes seems to be governed by pH. A study by Vigneault and coworkers
found that the membrane permeability of the algae Selenastrum capricornutum increased in the
presence of both Suwannee River humic and fulvic acids, but only at pH 5, not at pH 7 57. The
three alga, Scenedesmus subspicatus, C. reinhardtii and Chlorella, had similar results where no
sorption of Suwannee River fulvic acid onto the algal surface was observed at pH 6 and 7, but
sorption was observed at pH 4 and 5; in addition, uptake of fulvic acid by the alga was
observed58. Research in our group on model biomembranes also found that humic acid did not
affect the phospholipid stacking in the biomembrane at pH 7, but at pH 4 a two-step process was
observed: first the humic acid adsorbed onto the phospholipid bilayer, then absorbed into the
bilayer due to interactions between the hydrophobic domains and the phospholipid tails which
caused membrane disruption53,70.
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Norflurazon is a well-studied pollutant with respect to algae and cyanobacteria due to its
direct effect on photosynthesis. It has been found to reduce carotenoid concentration in crop
seedlings59. Several studies on Synechocystis have reported sensitivity at 70 µM in plate
cultures60 and at 25 µM in high-light liquid cultures61, and at 0.06 µM for another cyanobacteria
species62.
As discussed, there are many studies that have investigated various facets relevant to CNTs
ecotoxicity. Currently, there are no studies that have completely investigated CNTs toxicity with
respect to NOM and in the presence of a second pollutant, and have studied these combined at
different sonication levels. The focus for the study in this chapter is to investigate the potential
relationships between the combined effects of three organic components – NOM, CNTs, and a
pesticide – by monitoring their effects on a biological organism – cyanobacteria.
4.2
4.2.1

Materials and Methods
Materials
Media salts and D(+)-glucose were purchased from Sigma-Aldrich (Inc). Bacto agar was

obtained through University Stores (Becton, Dickenson & Co.). Norflurazon and DCMU (3-(3,4dichlorophenyl)-1,1-dimethylurea) were obtained from ChemService. Pure ethanol was obtained
from Fisher Scientific. The reverse osmosis isolate of Suwannee River natural organic matter
(Georgia, USA) was purchased through the International Humic Substances Society. Carboxylfunctionalized multi-walled carbon nanotubes with the dimensions 50-15 nm in diameter and 520 nm in length (>95% purity) were purchased through Nanolab where the carboxyl content was
2-7% by weight. Ultrapure MΩ water was obtained from the Milli-Q Direct 8 system in our
laboratory. The Synechocystis WT6803 cell line was obtained from the Bricker laboratory. All
cell culture inoculations were done in a sterile Labconco Purifier Class 2A biosafety cabinet.
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Sterile plates were purchased from Fisher Scientific, and sterile syringes and 0.20 µm sterile
syringe filters were obtained from University Stores (Becton, Dickenson & Co.). Culture flasks
and bubblers were cleaned with acetone to ensure the complete removal of CNTs and pesticide
residue. All media was autoclaved for sterility. Liquid cultures were grown in a Multitron
incubator, and the daily growth was measured through optical density (OD) measurements on a
Cary 100 Bio UV/Vis spectrophotometer (Agilent). Ultra-sonication was done in a bath using a
Branson 2510 100 watt ultra-sonicator.
4.2.2

Methods
All Synechocystis cultures were grown in 10 µM DCMU and 5 mM glucose to maintain

the culture in a heterotrophic growth phase. Cells were initially grown up on solid BG-11 media
plates and then transferred to liquid BG-11 media flasks. BG-11 media was prepared according
to the method outlined by Rippka63. Briefly, media contained (listed from highest to lowest
concentration): 17.6 mM NaNO3, 10.0 mM Tes, 304 µM MgSO4, 245 µM CaCl2, 189 µM
Na2CO3, 175 µM K2HPO4, 46.3 µM H3BO3, 31.2 µM citric acid, 6.00 µg/mL iron ammonium
citrate, 9.15 µM MnCl2, 2.80 µM Na2EDTA, 1.61 µM NaMoO4, 0.772 µM ZnSO4, 0.316 µM
CuSO4, and 0.170 µM CoNO3. Solid BG-11 media also contained 15.0 g/L Bacto agar and 12.1
mM Na2S2O3. Solid cultures were not used beyond three weeks.
Natural organic matter solutions were prepared by dissolving 37.5 mg of SR-NOM into
about 15 mL of water, then adjusting the pH to 6 and allowing to stir overnight. The following
day the pH was re-adjusted to 6.0 and diluted so that the final volume was 25 mL and the NOM
concentration was 1500 mg/L. All solutions were kept at 5°C in the dark and discarded after two
weeks. Norflurazon stock solutions were dissolved in ethanol due to low water solubility and
where the concentration was at least 1000 times greater than the final concentration in the culture

114

flask to meet the 0.1% volume dilution requirement. Norflurazon was prepared at 20 mM
concentration, and then 0.15 mL was added to the 150 mL of BG-11 media where the final
norflurazon concentration is 20 µM. Stock MWCNTs (hereafter CNTs) solutions were prepared
at 400 and 5000 mg/L in ethanol.
Both NOM and glucose solutions were passed through a syringe filter for sterility. The
CNTs and norflurazon solutions had ethanol to kept them sterile. Norflurazon-, NOM-, and
CNTs-containing solutions were added to the flasks prior to cell inoculation and were only added
to certain flasks depending on the test system. Rounds of ultra-sonication were done on culture
flasks directly before cell inoculation at two different times: 2x15 min (total 30 min) and 8x15
min (total 120 min). Liquid cultures were measured for growth by daily extracting no more than
2 mL with sterile pipets from each culture flask to minimize any impact that volume loss would
have on the culture.
4.2.3

Cell Growth Rate Analysis
Growth responses were measured as percent averaged relative growth rate with respect to

the control flask, which was grown alongside the test flasks. Each culture contained 3 flasks of
each type of modeled test environment. Cells were grown up until the end of their exponential
growth phase in order to ensure that the optical density measurements only measured living cells.
Cell growth rates were determined through changes in optical density data using the standard
growth rate equation71:
ln ! = !" + ln !!
where N is the cell concentration, N0 is the initial cell concentration, µ is the specific growth rate,
and t is time; if the natural logarithm of N is plotted against t, then the value of u can be obtained.
Error bas on the graphed growth results represent one standard error.
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4.2.4

CNTs Characterization
Characterization of CNTs was done through UV/Vis absorbance and scattering was

measured through dynamic light scattering (DLS). UV/Vis measurements were done at 25°C
between 350-750 nm and a spectral bandwidth of 1.5. The CNTs solutions were too polydisperse
to obtain size measurements through DLS, however, light scattering intensity was measured.
DLS experiments were done at 25°C with an attenuation of 9 at 4.65 mm position with 20
runs/measurement that each had a duration of 10 s; each sample was measured 5 times.
4.3
4.3.1

Results and Discussion
Toxicity of Carbon Nanotubes
The effect of carbon nanotubes upon Synechocystis was initially tested at the

concentration of 5 mg/L where shading was minimal, where the solution was mostly translucent
and colored light gray instead of black and opaque, which is the appearance at 100 mg/L CNTs.
Control flasks without CNTs were also grown alongside of the test flasks, and the growth rate of
the tests flask was measured relative to the growth rate of the control. All growth results were
tested at least in triplicate.
The presence of 5 mg/L CNTs reduced the growth rate to 61.1%. It must be pointed out
that the CNTs did not stay entirely suspended in solution during the course of the experiments,
so this result is comes from a concentration of less than 5 mg/L CNTs. This result indicates that
either the CNTs caused a direct toxic effect upon the cells or an indirect effect through shading
that reduced cell growth by reducing photosynthetic activity. Shading by CNTs is possible, even
at 5 mg/L CNTs, given the comparative absorbance spectra for CNTs and Synechocystis in
Figure 4.1. CNTs absorb or disperse light greater than 0.1 A.U. at around 670 and 425 nm, which
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are the respective wavelengths at which the photosynthetic pigments chlorophyll a and
carotenoids of Synechocystis absorb light64. For the direct effect, CNTs have been found to be
toxic in previous studies with the E. coli bacteria through disruption of the cellular membrane15
as well as to other aquatic organisms such as the crustaceans A. salina14 and D. magna4b. On the
other hand, previous studies with algae have found that CNTs have an indirect effect, with the
reduction of photosynthetic activity, even at 2 mg/L CNTs, for the freshwater C. reinhardtii17, as
well as the growth reduction of the marine algae species D. tertiolecta, I. galbana, and T.
suecica14. However, the mechanism by which CNTs inhibit growth may be both direct and
indirect, as indicated by a study conducted by Schwab and coworkers on the algae species C.
vulgaris and P. subcapita where shading by CNTs reduced growth (but not photosynthetic
activity), but the shading was caused by the attachment of CNTs and algal cells and the
subsequent formation of large CNT-cell agglomerates (aggregates) at concentrations of 24 mg/L
CNTs39. The study by Schwab and coworkers indicates that shading occurs due to a direct
interaction with the algal cell surface, which is most likely due to the interaction of the CNTs
with the exopolymeric substances, such as glycoproteins and polysaccharides, which coat algal
cell surfaces. CNTs are known to interact with biopolymers65.
Given the potential shading and agglomeration effects at 5 mg/L, the concentration of
CNTs was reduced by more than an order of magnitude to 0.4 mg/L, a concentration where the
effects of shading would be lower for wavelengths at which the photosynthetic proteins for
Synechocystis absorb light (Figure 4.1). In addition, the absorbance at 730 nm was less than 0.01
A.U., which is negligible when measuring cell concentration. The growth rate for Synechocystis
at 0.4 mg/L CNTs was not very different than the control with the result being 98.2%. The CNTs
visibly appeared to remain completely suspended during the course of the experiment. The lack
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of growth inhibition indicates there was essentially no toxic effect observed at this lower
concentration. The large difference between the growth rates at 0.4 and 5 mg/L may be due to
shading effects that were reduced by around 65-70%. There is no indication that there were any
direct effects of the CNTs upon the cells at all. This may be because the length of CNTs used in
this study was much longer than the size of the cell: 5-20 µm compared to 1-3 µm cell diameter.
This result is similar to the one other study on cyanobacteria where SWCNTs were found to be
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Figure 4.1 UV/Vis absorbance spectra for Synechocystis PCC6803 cells and two concentrations
of CNTs

4.3.2

Impact of NOM on the Toxicity of Carbon Nanotubes
In order to accurately model an aquatic ecosystem, natural organic matter was added to

the test cultures to determine its role on the CNTs-cell interaction. For the cultures containing 5
mg/L CNTs and 15 mg/L NOM, the relative growth rate result was 61.0%, which was not
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significantly different than the growth rate when CNTs alone were present. Again, it was noted
that the CNTs did not remain completely suspended in solution even with NOM present, so this
is the result from less than 5 mg/L CNTs. This result indicates that NOM did not change
anything about the CNTs-cell interaction, as the toxicity neither decreased nor increased. This
result suggests that CNTs indirectly affect growth through shading and do not directly interact
with the algal cells, since NOM has the potential to interact either with the CNTs surfaces or
with the algal cell surface. The lack of a difference by NOM result is similar to a study on two
aquatic organisms, D. magna and C. dubia, where the toxicity of 2.0 mg/L CNTs was not
impacted by the presence or concentration of NOM38. However, this result does not match the
study for C. vulgaris and P. subcapita where the presence of NOM enhanced the toxicity of
CNTs at 1.8 and 20 mg/L, respectively, by enhancing the dispersion39.
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Figure 4.2 Relative growth response of Synechocystis PCC6803 to 0.4 and 5 mg/L CNTs with
and without 15 mg/L NOM

The effect of NOM upon CNTs at 0.4 mg/L was also studied to see if a greater
NOM:CNTs ratio would result in any difference in the interaction between CNTs and the cells.
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When cultures contained 15 mg/L NOM and 0.4 mg/L CNTs, the relative growth rate was 97.3%,
which was also not significantly different than the effect of CNTs alone on the growth rate. The
CNTs again at this concentration appeared to remain suspended in solution. The growth rate
result suggests there was no interaction between either NOM or CNTs and the algal cells.
Although the relative growth rate for the culture containing NOM alone was statistically
different than the growth rate for the culture containing NOM and CNTs, neither of them are
significantly different than the control culture (no NOM or pollutants). These results did not
reflect any effect by the potential coating of CNTs by NOM as found by other studies39 and
subsequent potential reduced concentration of free NOM in solution.
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Figure 4.3 Relative growth response of Synechocystis PCC 6803 to 0.4 mg/L CNTs in the
presence of 15 mg/L NOM

Due to the limited solubility of carbonaceous nanomaterials in water, NOM has been
used in previous studies as a dispersing agent. The diverse chemical nature of NOM with
micelle-like characteristics makes it a favorable dispersant of hydrophobic CNTs. NOM has been
shown to improve the stabilization of CNTs compared to sodium dodecyl sulfate (SDS), one of
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the surfactants commonly used to stabilize CNTs in aqueous solutions3. In that study, the authors
attributed the enhanced stabilization to π-π interactions with aromatic groups in NOM that SDS
was lacking. That study also demonstrated that NOM only suspended a small fraction of CNTs –
1.42 out of 50 mg/L total CNTs concentration when 100 mg/L NOM was used and also that only
0.338 mg of NOM was bound to each mg of CNTs, which indicates a somewhat minimal NOMCNTs interaction. In another study, 60 mg/L NOM was the optimal concentration to wellsuspend 50 mg/L CNTs, however this was done in conjunction with ultra-sonication39.
4.3.3

Response to Two Organic Pollutants: Carbon Nanotubes and a Pesticide
The combined presence of two organic pollutants, CNTs and the pesticide norflurazon,

were tested to determine if two organic pollutants would act synergistically and change the toxic
response of Synechocystis. It has been proposed/studied that CNTs could serve as an enhancer of
pollutant toxicity through either increasing the permeability of the cell membrane15, or by
transporting pollutants attached to the nanotube surface into the interior of the cell. Norflurazon
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has been shown to sorb to the surface of CNTs32.
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Figure 4.4 Relative growth response of Synechocystis PCC6803 to two pollutants: 0.4 mg/L
CNTs and 20 µM norflurazon (Nor)
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These studies were conducted with the herbicide norflurazon at 20 µM, which
Synechocystis has demonstrated sensitivity to in previous studies. When 0.4 mg/L CNTs and 20
µM norflurazon were combined, the resulting relative growth rate was 97.5%. This result was
insignificantly different from the culture with 0.4 mg/L CNTs alone, indicating that the
combined presence of these two organic pollutants was not toxic. Since the growth rate of the
culture with 20 µM norflurazon was 66.5%, which was significantly less, it is possible that CNTs
reduced the toxicity of norflurazon by sorbing the norflurazon. A similar result occurred in a
study on the algae species P. subcapita where carbon black reduced the toxicity of diuron44.
CNTs may act as a “scrubbing” agent through the removal of organic pollutants via sorption. The
sorption of hydrophobic organic compounds to CNTs has been studied before with three
polyaromatic hydrocarbons (PAHs)31, as well as with norflurazon where its adsorption to CNTs
was due to two interactions: hydrogen bonding with the O-containing surface functional groups
on the CNTs and hydrophobic interactions32. It is not clear from this result how much
norflurazon was sorbed by the CNTs, however, it is most likely greater than 50% since another
study done at 10 µM norflurazon resulted in a relative growth rate of 89.2% (Chapter 2, Figure
2.5), which is less than the 97.5% growth rate result obtained with 20 µM norflurazon and 0.4
mg/L CNTs.
4.3.4

Effect of NOM and a Two-Pollutant System on Algae
The Synechocystis response to the two organic pollutant system was not entirely

environmentally relevant until the system was tested in the presence of NOM. This system was
fairly complex, given the potential interactions between all three organic components – NOM
and norflurazon, NOM and CNTs, and CNTs and norflurazon (see Table 4.1). The result for the
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test culture that contained 0.4 mg/L CNTs, 20 µM norflurazon, and 15 mg/L NOM was 103%.
This result is significantly greater than test cultures containing CNTs and norflurazon, and NOM
and norflurazon (Figure 4.5). This result is statistically similar to the test culture that contained
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Figure 4.5 Relative growth response of Synechocystis PCC6803 in the presence of 15 mg/L
NOM to two pollutants: 0.4 mg/L CNTs and 20 µM norflurazon (Nor)

Given the similarity of the relative growth rates between the NOM-CNTs-norflurazon
culture and the NOM culture, these results suggest that the cell/pollutant/NOM interactions that
occurred in these two cultures were the same. Enhanced growth rate results, i.e. above 100%, are
attributed to potential consumption of NOM by the algae, which have been reported in the
literature before67,68,69. It must be noted that this enhanced response did not occur for the test
culture containing CNTs and NOM, which was potentially due to NOM interacting with CNTs
and a subsequent reduction in free NOM concentration. However, in the NOM-CNTsnorflurazon culture, NOM appeared to be free to interact with Synechocystis cells due to the
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growth rate result of over 100%. This indicates that the addition of norflurazon reduced or
blocked the interaction between NOM and CNTs. There are at least two potential mechanisms by
which norflurazon could affect this interaction: either (1) interacting with the CNT surface, thus
blocking binding sites that NOM would attach to, or (2) interacting with NOM and causing a
rearrangement of NOM such that it is unable to attach to the CNTs yet such that NOM is still
accessible as a food source. The first mechanism may be the more likely one, given that
competitive sorption upon CNTs has been demonstrated before using different PAHs, suggesting
a limited number of binding sites31. In addition, if the second mechanism were true, there would
likely be a toxic response to this NOM-CNTs-norflurazon system, since the test culture of NOM
and norflurazon combined caused a toxic response where the relative growth rate was 57.2%
(Figure 4.5). This additional information does not confirm the first mechanism, however; as
mentioned before, this system is rather complex and the result is only indicative of the response
of the bulk culture.
In addition, comparing these results while considering the NOM-CNTs interaction
suggests an interesting idea about which component of NOM interacts with the CNTs. If it is true
that only a fraction of NOM is sorbed onto the CNTs surface, then there should be “free” NOM
in the culture. However, the free NOM does not appear to be utilized by algae as a food source as
indicated by the lack of an enhanced growth rate, suggesting that the free NOM is different than
the bound NOM. At the very least, it can be proposed that the component of NOM that interacts
with CNTs is the same component that the algae consume. Previous studies that have been done
on the use of NOM as a food source have determined that only certain components of NOM are
consumable; in particular, the protein and carbohydrate components, which are the more
hydrophilic components. This at first may not seem reasonable due the general hydrophobic
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nature of CNTs and the expected interaction with hydrophobic aromatic components of NOM.
However, given that the CNTs used in this study are functionalized with carboxylic acid groups,
and also that CNTs have been shown to interact with biopolymers such as polysaccharides37,36,
the interaction of CNTs with these hydrophilic components is not unlikely. This speculation
requires a much more in-depth investigation using NOM component studies.

Table 4.1 Relative growth rates for Synechocystis PCC6803 cultures containing various
combinations of CNTs, 15 mg/L NOM, and 20 µM norflurazon
blank
blank

NOM

Norflurazon

Norflurazon + NOM

101.4(±1.3)%

66.5(±7.4)%

57.2(±2.4)%

0.4 mg/L CNTs

98.3(±1.3)%

97.3(±1.4)%

97.5(±1.0)%

102.6(±1.2)%

5 mg/L CNTs

61.1(±4.9)%

61.0(±5.8)%

-

-

4.3.5

Sonication Effects on CNTs-NOM Interaction with Synechocystis
Due to the general hydrophobic nature of CNTs, they do not remain suspended in

aqueous solutions unlike many other nano-scale colloids and instead form large aggregates. Even
the carboxylate-functionalized (2-7% w/w) MWCNTs used in this study did not remain
suspended in solution at 5 mg/L CNTs. In order to enhance their dispersion, researchers have
used surfactants and NOM. In addition, improved dispersion has also been found when ultrasonication techniques are used, and has been applied in some toxicology studies. However, ultrasonication is not a phenomenon that occurs in the natural environment, and thus may not be
entirely environmentally relevant. A second and equally important problem with ultra-sonication
is that it has the potential to physically and chemically change the CNTs, shortening them and
oxidizing their surfaces and ends4b. The studies here compare the toxic response of Synechocystis
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to different lengths of sonication in order to determine if sonication influenced the toxicity of
CNTs.
The sonicated CNTs in this study were first compared in the presence and absence of the
dispersing agent, NOM like the study by Schwab and coworkers39. The study by Schwab and
coworkers did not evaluate the toxicity of non-sonicated CNTs. In addition, in this study, CNTs
were studied under two different lengths of sonication – one mild (2x15 min) and one harsh
(8x15min). Overall, sonication slightly increased the toxicity of CNTs, as displayed in Figure 4.6.
Although the relative growth rate for the mild sonication, 93.0%, was not statistically different
than the non-sonicated growth rate of the CNTs test culture, the result under harsher sonication
conditions, 84.7%, was significantly different. The averages of both these growth results were
lower than the non-sonicated test culture.
A similar trend was observed when CNTs were sonicated in the presence of NOM. The
relative growth rate response progressively and significantly decreased under mild (91.3%) and
harsh (81.2%) sonication conditions. The growth rate averages here are slightly less than the
cultures where NOM is absent, however, the difference is not significant.
Clearly, sonicated CNTs elicited a slightly toxic response in Synechocystis cells
compared to non-sonicated CNTs. This was also found in the literature where sonicated CNTs
increased growth inhibition for several aquatic organisms – a diatom, copepod, and medaka fish
species22. The authors pointed out that the higher toxicity of sonicated CNTs could potentially
lead to the exaggeration of CNTs ecotoxicity. However, since ultra-sonication is a technique that
is used in biomedical and material sciences10, there is the potential for sonicated CNTs to end up
in aquatic environments where they would relatively be more mobile than their non-sonicated
counterparts due to their oxidized state.

126

Relative Growth Rate

120%
100%
80%

not sonicated

60%

mildly sonicated

40%

harshly sonicated

20%
0%
CNTs

CNTs + NOM

Figure 4.6 Relative growth responses of Synechocystis PCC 6803 to non-sonicated and
sonicated 0.4 mg/L CNTs with and without 15 mg/L NOM

The lack of a difference between the relative growth rates for sonicated test cultures with
CNTs alone and CNTs in the presence of NOM may suggest that there was no changes to the
CNTs surface chemistry during sonication. A change in surface chemistry may have altered the
binding affinity of NOM to CNTs. If the binding affinity decreased, then there would be
additional NOM free in solution, which would potentially be indicated by an enhanced growth
rate. However, the result is a reduced growth rate with respect to the non-sonicated CNTs-NOM
test culture and is not any different than the equivalent sonicated CNTs test culture, suggesting
nothing changed.
Physical changes were studied using dynamic light scattering (DLS). The results are in
Figure 4.7. These results indicate that when mildly sonicated, the CNTs light scattering intensity
significantly increased, but no change was observed between mild and harsh sonication. Since
these solutions were at the same concentration, these results suggest that sonication did induce a
change in the CNTs solutions. The similarity between the CNTs and the CNTs with NOM and
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norflurazon intensities (but not for CNTs with NOM alone) may indicate the similarity in the two
solutions, suggesting that the effect of NOM on CNTs is not observed when both NOM and

Intensity (kcps)

norflurazon is present.

400
350
300
250
200
150
100
50
0

non-sonicated
mildly sonicated
harshly sonicated

CNTs

CNTs + NOM

CNTs + NOM + Nor

Figure 4.7 DLS light scattering intensity results for 0.4 mg/L CNTs, 15 mg/L NOM, and 20 µM
norflurazon (Nor) solutions in BG-11 media (no cells)

4.3.6

Sonication Effects on the CNTs-Norflurazon Interaction with Synechocystis
The results for the sonicated CNTs suggested that while the physical properties of the

CNTs changed during ultra-sonication, the surface chemical properties were not obviously
different in terms of the CNTs-NOM interaction. However, given the diverse chemical make-up
of NOM, it is conceivable that a change in the surface chemistry would result in potentially a
different but equal interaction between NOM and the CNTs. Norflurazon, being a far simpler
molecule and thus a more measureable indicator, was used to determine if there was a change in
the CNTs surface chemistry during ultra-sonication.
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The comparative results for the test culture containing both sonicated pollutants – CNTs
with norflurazon – are pictured in Figure 4.8 below. Similar to the CNTs-NOM test culture
growth results, there was no statistical difference between the relative growth rates for the test
culture with sonicated CNTs alone and the sonicated CNTs with norflurazon. The growth rate
averages were not that similar: 93.0% and 84.7% for the CNTs alone and the CNTs-norflurazon
combination, respectively, for the mild sonication conditions. There was a statistical difference
between cultures containing CNTs and norflurazon under mild sonication conditions and with no
sonication. However, there was a lack of a statistical difference between the mildly and harshly
sonicated growth results.

Relative Growth Rate

120.0%
100.0%
80.0%
not sonicated

60.0%

mildly sonicated

40.0%

harshly sonicated

20.0%
0.0%
CNTs

CNTs + Nor

Figure 4.8 Relative growth response of Synechocystis PCC6803 to 0.4 mg/L CNTs and 20 µM
norflurazon (Nor)

The similarity of the mildly sonicated CNTs and CNTs-norflurazon cultures suggest
again that there is no change in the surface chemistry on the CNTs for those conditions, but there
is a statistical difference for the harshly sonicated CNTs and CNTs-norflurazon cultures where
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the harshly sonicated CNTs-norflurazon culture is slightly more toxic than the harshly sonicated
CNTs culture. The increased toxicity may be due to a surface change in the CNTs that affects
norflurazon sorption and increases the bioavailability of norflurazon; however, the growth rate
reduction was small, from 85.4% to 81.3% (Table 4.2), and so any desorption of norflurazon that
potentially occurred was minor.
If the binding affinity of norflurazon to the CNTs had decreased, free norflurazon would
be present in the culture, which would result in a decrease in growth. The relative growth rate for
the sonicated CNTs-norflurazon culture is less than the non-sonicated culture, however, it is not
statistically different from either the sonicated CNTs culture rate or the sonicated CNTs-NOM
culture rate under the same sonication conditions (see Table 4.2). The relative similarity between
these three sonicated growth rates indicates the similarity of the interaction between the
sonicated CNTs and the algal cells, which is different than the interactions with non-sonicated
CNTs. The results again point to a physical interaction between the cells and the sonicated CNTs.
4.3.7

Sonication Effects of the Two-Pollutant System with NOM on Synechocystis
Finally, the effects of sonication were tested in the presence of both organic pollutants –

CNTs and norflurazon – with the presence of NOM to more closely simulate a model aquatic
environment. The presence of these three factors resulted in the growth rate average of 88.4% for
milder sonication, which is not statistically different than any of the other mildly sonicated CNTs
cultures. However, the relative growth rate for the test culture with all three factors was the
lowest of all the harshly sonicated samples – 61.8%. This growth response was in fact the lowest
response out of all the samples at 0.4 mg/L CNTs, sonicated or not (Figure 4.9).
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Figure 4.9 Relative growth response of Synechocystis PCC6803 to 0.4 mg/L CNTs, 20 µM
norflurazon (Nor), and 15 mg/L NOM

The comparatively low value for the test culture with harshly sonicated conditions of two
pollutants and NOM is difficult to explain, especially since the comparative non-sonicated
culture resulted in an elevated growth rate. In general, the harsher sonication conditions resulted
in a slight toxic response, which was attributed to the increased breaking of CNTs. It is possible
that, in this three-component culture, the CNTs broke into smaller pieces than in either the
harshly sonicated CNTs or CNTs-norflurazon cultures. How the presence of norflurazon and
NOM changed the brittleness of the CNTs is unclear, however. It is also possible that a
completely different sort of interaction took place with the algal cells with harshly sonicated
CNTs compared to the non-sonicated CNTs. It is interesting that this growth rate (56.4%) is not
significantly different than the growth rate for the culture containing norflurazon alone (66.5%,
see Figure 4.4 above) and is also statistically similar to the norflurazon-NOM culture (57.2%, see
Table 4.2). For the non-sonicated culture, the elevated growth rate of the non-sonicated CNTsnorflurazon-NOM test culture was statistically similar to the culture containing NOM alone, so it
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was hypothesized that the similarity of the responses was due to that norflurazon interacted only
with CNTs, not the cells, and occupied the binding sites on the CNTs which left NOM alone to
interact with the cells. Here, however, the opposite appears to be true. Under harsher sonication
conditions, NOM and norflurazon appear to have traded positions. The statistical similarity of
the harshly sonicated CNTs-norflurazon-NOM test culture with the culture containing
norflurazon without CNTs suggests that norflurazon alone interacted with the cells, which leads
to the second hypothesis that NOM occupied all the binding sites on the CNTs and left
norflurazon free in solution.

Table 4.2. Summary of relative growth rate responses for Synechocystis PCC 6803 cultures
containing various combinations of 0.4 mg/L CNTs, 20 µM norflurazon, and 15 mg/L NOM
Blank
Blank

NOM

Norflurazon

Norflurazon + NOM

101.4±(1.3)%

66.5±(7.4)%

57.2±(2.4)%

Non-sonicated CNTs

98.3±(1.3)%

97.3±(1.4)%

97.5±(1.0)%

102.6±(1.2)%

Mildly sonicated CNTs

93.0±(5.2)%

91.3±(2.0)%

83.7±(4.6)%

88.4±(7.6)%

Harshly sonicated CNTs

85.4±(0.7)%

79.5±(1.7)%

74.8±(6.6)%

56.4±(5.3)%

4.3.8

Environmental Significance
The results of the studies conducted indicate that CNTs do not directly interact with

Synechocystis cells; instead they only act indirectly through shading at higher concentrations.
Given the expected environmental concentrations of CNTs in surface waters of 0.001 to 0.5 ng/L
4a, 4c

, it is likely that the presence of CNTs in the aquatic environment will not harm the blue-

green algae. In fact, the results from this chapter suggest that CNTs may act as “scrubbing”
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agents due to their sorption of organic pollutants such as the pesticide norflurazon, and thus
potentially benefit aquatic environments through toxic pollutant removal.
Although ultra-sonication is not a natural phenomenon, there is still the potential that
sonicated CNTs may enter into aquatic environments since it is a common dispersant technique
and especially since they are more hydrophilic and subsequently more mobile. Sonicated CNTs,
with their smaller lengths, do present a possible threat to aquatic organisms of which the
presence of NOM does not appear to heighten or diminish.
4.4

Conclusions
The studies discussed in this chapter have presented some highly relevant results and

perspectives to the current studies on CNTs environmental toxicology. In general, CNTs had no
impact on the growth of Synechocystis cells outside of shading at higher concentrations. The
addition of NOM did not change this interaction. When norflurazon was included with CNTs,
there was again no toxic response, indicating the CNTs inhibited the toxicity of norflurazon,
most likely through norflurazon sorption to the CNTs surface. The only significant growth rate
change was when three components, CNTs, norflurazon, and NOM were combined and resulted
in a larger growth rate. This was explained by the CNTs-norflurazon interaction where
norflurazon prevented NOM from binding to the CNTs, leaving free NOM in solution to interact
with the algal cells and enhance cell growth. Comparing results lead to the possibility that the
portions of NOM, which were bound by CNTs, were also the same that enhanced cell growth,
suggesting the hydrophilic components of NOM interacted with the CNTs surface, not the more
hydrophobic components of NOM.
The effect of ultra-sonication of CNTs as a dispersion method was also studied. The
overall trend was that increased amounts of ultra-sonication resulted in slight reductions of
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growth, suggesting a slightly toxic response. This response was proposed to be due to the
shortened CNTs that potentially perturbed the cell membranes. The addition of NOM did not
change the reduction in growth at either sonication condition, and neither did the combination of
CNTs and norflurazon. The only growth rate result that was significantly different than the other
equally-sonicated CNTs cultures was when all three organic components were present under
harsh sonication conditions. When harshly sonicated CNTs, norflurazon, and NOM were
combined, the growth rate was much smaller. This result was attributed to the toxicity of
norflurazon on the algal cells, suggesting that norflurazon was free in solution. It was
hypothesized that this was the result of harsher sonication conditions, where NOM displaced
norflurazon on the CNTs surface.
4.5
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CHAPTER 5. INVESTIGATIONS USING 31P NMR TO ASSESS THE
TOXICOLOGICAL RESPONSE OF MUSSEL LARVAE
5.1

Introduction
Mussels are eukaryotic multicellular invertebrates that live in the benthic zones of many

different water bodies, both marine and freshwater. They primarily obtain food and air through
filter or suspension feeding – i.e., passing water through gills, which entrap particulate like algae
and plankton1. This direct interaction with the surrounding water environment, including organic
matter, lends mussels a particular sensitivity to contamination in aquatic ecosystems, and this is
one of many reasons why approximately 70% of freshwater mussel species are imperiled and 37
out of 300 species are already extinct in North America1,2. Other reasons outside of pollution
include (1) habitat loss from riparian development, dams, and dredging; (2) sedimentation from
road/bridge construction and poor forestry or agricultural practices; and (3) invasive species1.
Their high sensitivity to contamination also makes freshwater mussels excellent candidates as
indicators of an aquatic ecosystem’s health. In addition, they are extremely close in proximity to
sediment and natural organic matter (NOM), thus NOM must be considered when conducting
ecotoxicology studies on mussels.
Mussel larvae, called glochidia, are produced in eggs in the marsupial gills of the parent
mussel via two sexual processes. Some mussels are male and female, where the female releases
eggs into the water and they are fertilized externally3. In hermaphroditic mussels, the eggs are
fertilized within the gill, so that only upon maturation (release from egg) are they released from
the parent’s protective gills into the water column. After this release, they must find a fish host to
complete the next phase of their development, which is a parasitic stage. Glochidia attach
themselves and are encysted on the gills of fish, where they obtain more nutrients and continue
their growth to the juvenile stage. In general, their numbers are low enough to not pose any real
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harm to the host fish. After leaving the fish gill, the juveniles return to their benthic environment
and finish their development to adults well buried in the sediment. Their growth and
development to the adult phase is dependent upon the amount of predation, availability of food,
and environmental conditions such as oxygen levels, presence of pollutants, salinity, and
temperature3. In their growth cycle, the key point that determines the glochidia’s survival is its
attachment to the fish gill. This event must occur within several hours to a maximum of a 14-day
window after release from the parent mussel4, depending upon the species, for this to occur, so
some species have developed additional means to ensure glochidial survival, such as mucus lures
and hooks on the glochidial bivalve for improved attachment of the glochidia to the fish gill. The
glochidia are well sheltered from the aquatic environment, but after release, glochidia have little
to no protection during that window. During this time frame, glochidia are vulnerable to
pollutants in their environment and may never reach adulthood; thus, the current imperiled state
of mussels may also be due to decreasing rates of glochidial survival from the increasing levels
of pollutants in aquatic ecosystems. It has been suggested that glochidia’s sensitivity to
contaminants may be due to their inability to temporarily close their valves5.
Glochidial toxicology has been studied for a long time for a range of toxicants, from
pesticides to metals, with their responses to a toxicant being typically measured by percent
viability. Toxicity testing for glochidia is important in order to understand their sensitivity to the
environmental changes they undergo upon being released from the marsupial gill (or brooding
chambers), in which they are highly isolated from the external aquatic environment5, into the
outside water column with no more protection than perhaps a little mucus. To date, toxicity
testing for glochidia has mostly been focused on heavy metal pollutants, such as cadmium and
copper, and few studies have been done with organic pollutants, such as pesticides.
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Viability is determined by a simple standard test that measures the response of the
glochidia to a sudden increase in external ionic strength1. This simple test can only measure the
percent mortality in response to a toxicant and does not provide additional information, such as
whether the organism is under stress. For example, Lampsilis siliquoidea glochidia’s and
juvenile’s acute and chronic toxicological response was determined by Bringolf and coworkers
to the pesticides atrazine, chlorpyrifos, and permethrin over the course of 21 days, with the
smallest interval of measurement being 24 hours, through the use of NaCl as a reference
toxicant2a. There was little difference found between studies with the pesticide formulations and
the technical grades and also little difference between the acute studies for glochidia and
juveniles, however, the median effective concentration (EC50) values for the chronic studies (21
days) for juveniles versus the acute studies (48-96 hours of exposure) were significantly smaller,
suggesting that low concentrations of pesticides in the water over long periods of time may
adversely affect juveniles. Bringolf and coworkers also did a second study with glyphosate, or
Roundup®, with the conclusion that the pesticide formulation was more toxic than the pure
pesticide, and also that the low EC50 values suggest that freshwater mussels have extremely high
sensitivity to this pesticide compared with most invertebrates2c. A third study by the same group,
however, demonstrated that the toxicological response is species-specific, for out of five species
tested, L. siliquoidea glochidia were the only ones found to be sensitive to the pesticides
clorothalonil, pyraclostrobin, and propiconazole2b. Weinstein and Polk did a study with
Utterbackia imbecillis glochidia with two photo-activated polyaromatic hydrocarbons (PAHs)
which are produced from automobile and industrial exhaust, with the result that (1)
photoactivation increased toxicity; (2) the LC50 values were lower than other aquatic organisms,
consequently indicating that freshwater mussels are more sensitive to PAHs than the bluegill

143

sunfish, mysid shrimp, and a marine bivalve; (3) the PAHs are partially absorbed by glochidial
tissues; and (4) the median lethal time (LT50) values would be 8 hours if glochidia were exposed
to the concentrations of PAHs found in storm runoff from parking lot drainage6. One study
compared the sensitivities of six glochidia species, including the commonly studied U. imbecillis,
and two other aquatic organisms, water fleas, to six pollutants7. Their results indicated that U.
imbecillis was one of the less sensitive species of those that they tested, and that the two nonbivalve organisms were much more sensitive than any species of glochidia tested. Metal and pH
toxicities were studied for the glochidia of two Anodonta species by Huebner and Pynnönen4.
Copper, cadmium and zinc all impacted glochidial viability, with copper being the most toxic at
48 hours; and of the pH 3-6.5 range, the pHs of 4.34-4.69 affected glochidial viability at 48
hours. A second study with Anodonta anatina was done with the same three metals with the
chelating agents, humic acid, EDTA, Fe, and Mn; humic acid decreased the toxicity of Cd and
Cu and increased that of Zn, but EDTA and Fe decreased the toxicities of all three8. The latter
study also suggested that viable glochidia should be allowed to develop into juveniles to
determine the true effects of toxicants. This, of course, is time-consuming. The studies
mentioned above, with the exception of the PAH study which used HPLC in addition, all
determined glochidial response to a toxicant solely by simple viability testing. In addition, many
of the abovementioned studies were fairly long-term and required a significant amount of time to
complete the study.
For this study, the pond papershell, or U. imbecillis mussels, were used as a subject as
they are regarded as a test organism, they are locally plentiful, and they produce larvae during
the majority of the year. Unlike most mussel species, the species U. imbecillis is hermaphroditic
and thus not dependent upon spawning for reproduction. Embryonic glochidia develop in the
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marsupial gills, or brooding chambers, and are at first colorless. Similarly, the swollen gills are
off-white to tan in color as the glochidia are first developing. Over time, the glochidia’s shells
develop a brown coloration and then they lose the translucent surrounding egg membrane,
remaining open (not shut) and well protected in the marsupial gills. This transformation is easily
seen by the gill becoming a dark red-brown. It is at this point the glochidia are mature and ready
to be released, however, the parent mussel releases them slowly, over a period of several weeks
(individual release is instantaneous). Potential exposure of glochidia to external contaminants
may or may not occur upon release, being dependent upon the proximity of the nearest fish, and
so may range from a few seconds to several days. In a test culture, 50% of the population of U.
imbecillis glochidia have been shown to attach to their hosts up to 9 days after isolation9. In
addition, several hours are necessary in order for the fish’s gill cells to grow and encyst a
glochidium before they are once again protected from toxicants in the surrounding water, thus
providing another potential route of exposure.
Nuclear magnetic resonance spectroscopy (NMR) is a non-invasive method by which
researchers have been studying organisms in vivo for a long time in a wide range of sizes, from
bacteria to humans, and is a relevant choice when investigating additional methods of
toxicological response determination. Phosphorus-31 NMR is particularly useful in determining
a toxicological response as some of the key energy metabolites in an organism contain
phosphorus: adenosine triphosphate (ATP), adenosine diphosphate (ADP), inorganic phosphate
(Pi), sugar phosphates such as glucose-1-phosphate, and NAD(P)H. Tracking relative
concentration changes of these phosphate-containing metabolites is useful in determining cellular
health. For example, when stressed, a cell may consume a great deal of ATP and generate the
byproduct Pi. Studies that have used in vivo 31P NMR as a characterization tool for toxicological
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responses include two studies by Viant and coworkers10,11 on adult red abalone and developing
medaka fish embryos, where the sublethal response to copper was studied by measuring
metabolite concentrations, where they observed for both aquatic organisms (1) an increase in Pi
concentration which corresponded to (2) a decrease in the metabolite phosphoarginine
concentration for the abalone, and (3) no change in the levels of ATP. This group also
investigated the effects of the herbicide dinoseb on medaka embryos (2006) which resulted in (1)
increased Pi concentration and (2) decreased metabolites ATP and phosphocreatine
concentrations. Another in vivo study looked at a green algae’s response to dissolved metals12.
They were able to observe the disappearance of the Pi peaks that were representative of different
cellular locations over the course of time during exposure, as well as the binding of the metals by
internal vacuolar Pi. Thoma and Gleason13 investigated three photosynthesis inhibitors: 2,4dinitrophenol and the herbicides 3-(3,4-dichlorophenyl)-1,1-dimethylurea (diuron) and
cyanobacterin with the following results: (1) while the 2,4-dinitrophenol immediately caused a
decrease in nucleotide concentration but did not affect the sugar phosphate concentrations,
however, (2) the diuron did not impact the nucleotide pool concentrations yet the levels of sugar
phosphates suddenly increased, specifically, the metabolite 3-phosphoglyceric acid, and lastly,
(3) cyanobacterin did not appear to affect anything outside of a decrease in cytoplasmic pH.
Although glochidia have not previously been studied using NMR spectroscopy, mussels
have been studied with 31P NMR. For example, the 31P metabolite profiles of juvenile zebra
mussels were studied in vivo by Early and Glonek14 for the purpose of examining the destruction
of this invasive species by an aquatic sponge. They observed highly stressed/dying tissue
characterized by the disappearance of ATP peaks and by the remaining Pi and
phosphomonoesters (including sugar phosphates) resonance peaks. Additional NMR studies
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include both in vivo and extracts of the Mytilus californianus mussel ovaries15. They used twodimensional 31P-1H NMR for the ovarian extracts to assign the exact identities of the metabolite
resonances, specifically the particular metabolite glycerophosphoryl-choline, so as to identify
that peak for in vivo studies.
Despite the present endangered state of many freshwater mussel species and the high
level of sensitivity of the mussel larval state, no study has yet utilized NMR to characterize them,
nor has there been research that used any other non-NMR study to investigate their metabolic
system. In addition, although the effects of common organic pollutants such as pesticides have
been studied on glochidia, the effect of more modern pollutants such as silver nanoparticles have
not been investigated. The overall goal of this study is to first determine if the glochidia’s
phosphate-containing metabolites can be monitored using 31P NMR. If the first was possible, the
second goal was to compare toxicity responses from environmental pollutants using the
benchmark biological viability tests to changes visualized in the 31P NMR spectra over time.
5.2
5.2.1

Materials and Methods
Preparation of Toxicant-Containing Solutions
Hard and very hard water were prepared according to the method set out by Marking and

Dawson16, using a combination of four salts: NaHCO3 (Sigma), CaSO4, MgSO4, and KCl.
Pesticide solutions of diuron, dimethoate, and atrazine (ChemService) were prepared by first
dissolving the pesticide into ethanol (Fisher), then diluting further with Milli-Q H2O while only
allowing the volume of ethanol to be 0.1% of the total volume. Natural organic matter (NOM)
solutions were prepared by dissolving Suwanee River NOM (IHSS, Georgia, USA) into Milli-Q
H2O, adjusting the pH to 6 and allowing the solution to stir overnight. The pH was re-adjusted to
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6.0 the following day before dilution to the proper volume. NOM solutions were only used for
two weeks before discarding.
Silver nanoparticles (Ag NPs, 6.75 mg/L or 62.5 µM) were prepared using traditional
methods of placing 30 mL of 0.002 M NaBH4 solution stirring in an ice bath for 20 minutes
followed by the addition of 2.0 mL of 0.001 M AgNO3 solution at a rate of 1 drop per second to
the cold NaBH4 solution. The mixture was then heated, covered with a watch glass to minimize
volume loss, and 100 mg of polyvinyl alcohol (PVA) was added to cap the Ag NPs (NPsPVA)
when the solution was close to boiling. The solution was then removed from heat and allowed to
cool17. The Ag NPs solution was stored at 5°C in the dark. UV-Vis absorbance was used to
verify Ag NPs formation and size. NPs absorb visible light at specific wavelengths due to surface
plasmon resonance. A narrow peak at 400 nm indicated the formation of Ag NPs of about 10 nm
in diameter. Solutions containing more than one component, such as Ag NPs and NOM, were
prepared fresh on the day of the NMR experiment.
5.2.2

Glochidia Extraction and Dosing
Utterbackia imbecillis mussels were collected from a pond in Waddill Wildlife Refuge on

the northeastern edge of Baton Rouge, Louisiana (30.49° N, 91.032678° W). Compared to other
sites, this pond always had a good supply of U. imbecillis mussels that were gravid, i.e.
contained larvae, around 8 months of the year (September-April). Gravid mussels were kept in
an in-house tank. The tank water was a 1:1 v/v mixture of filtered actual pond water and artificial
pond water, kept at around 62 °F (16.5 °C) using a pump (Catalina Aquariums) and an aquarium
chiller (Artica Titanium Chiller), and the sediment lining the bottom of the tank was clean sand
rather than mud. The mussels were fed once a week with blended and filtered with Algamac
Protein Plus (Aquafauna Bio-Marine, Inc., Hawthorne, CA) through a 36 µm pore size nylon
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mesh. Actual pond water and tank water were monitored for any changes using Total Carbon
(TC) measurements.
The amount of mature glochidia obtained from each mussel varied with mussel size and
ranged from 0.25 to 1 cc on average, so 4-6 mussels were required per NMR experiment.
Glochidia were removed from each mussel by using a scalpel to cut open the marsupial (outer
gill) and glochidia were flushed out through irrigating with Milli-Q water and collected.
Glochidia were separated from the marsupial mucus by allowing the glochidia to fall to the
bottom of the beaker, decanting the diluted mucus-y solution, and adding more Milli-Q water.
Glochidia that were aggregated in the mucus were placed into a second beaker and irrigated with
a high-pressured water stream again until the glochidia were loose, then they were added back
into the original beaker. This rinsing process was repeated at least 3-4 times until the water was
translucent and glochidia did not aggregate. Glochidia from each parent mussel were kept
separate until their viability was measured. The glochidia were then stirred in solution very well,
and a known volume (0.25 mL) was quickly removed into glass well plates in triplicate to
determine the glochidial viability of that mussel. The viability was assessed through counting the
number of glochidia that closed in response to the addition of KCl, as the ability to close its
bivalves is what determines if a glochidium will be able to attach to a fish host. Glochidia were
pooled to eliminate mussel-by-mussel variations and viability of greater than or equal to 80%
was required1. Glochidia were stored in Milli-Q H2O in a sterile test tube until the beginning of
the NMR experiment. A small fraction of the pooled glochidia was kept at 5 °C in the dark as a
control during the NMR experiment.
Immediately before beginning the NMR experiment, the glochidia were dosed with the
pollutant solution by in the following manner. The water in the test tube was carefully decanted
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so that nothing remained. Next, about 3 mL of the pollutant solution was added to the test tube,
the glochidia were gently shaken and resuspended, then the rinse pollutant solution was decanted.
This rinse was repeated for a total of 2 rinses, then about 7 mL of fresh pollutant solution was
added to the test tube and the glochidia were transferred over to the 10 mm NMR tube along with
the pollutant solution. Any solution that was greater than the height of the external NMR
standard H3PO4/D2O (6.0 mm) was removed so as to not affect the lock signal.
Glochidial viability of the sample and the control was also measured directly after each
NMR experiment in order to determine the overall change in viability as well as to compare the
biological viability with the cellular-level changes seen with 31P NMR. The pH of the
surrounding solution was also measured before and after each experiment.
5.2.3

31

P NMR Experiment

All 31P NMR measurements were conducted on a Bruker DPX-400 MHz NMR
spectrometer equipped with a 10 mm probe that was tuned and matched to the 162 MHz 31P
signal, then run with a delay time of 1 s, a sweep width of 200 Hz, an acquisition time of 1.009 s,
and a pulse power of -5 dB. The pulse length changed over the course of three years from 31.0 µs
to 29.75 µs. The external reference only required 1 scan and 1 Hz line broadening, while the
samples were run using 512 scans and 50 Hz line broadening.
An external NMR reference (80% H3PO4/20% D2O v/v) was used to initially calibrate the
NMR spectral shift, with the phosphate peak being at 0 ppm. This reference was checked at the
end of every experiment to see if the peak had shifted over time. In addition, an internal standard
reference, 3.8 mM methylene diphosphonic acid (MDPA) buffered with EDTA and HEPES in
D2O in a sealed capillary, was added to the sample tube.
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The chemical shift was calibrated to the pH of the Pi peak through the use of a series of
NaH2PO4/Na2HPO4 buffer solutions all at the same concentration of phosphate. The buffer
solutions, ranging between pH 5.7 to 7.7, were prepared by using calculations, varying the
amounts of the weak acid and base, so that each solution was 0.1 pH units apart and so that the
pH would not need further adjustment with HCl/NaOH (which would change the solution’s ionic
strength). The chemical shifts of each buffer solution were measured at the temperature the
glochidia experiments were conducted at.
5.3

Discussion of Results
Mussel larvae have a unique 31P NMR peak profile, with the relative sizes of the ATP

peaks being larger than many other species. There are five main peaks: monophosphate (sugar
phosphate), Pi, and the three ATP peaks (α, β, γ), each of which have a unique chemical shift
(Figure 5.1).

2
1

5,6
3,4

7

Figure 5.1 Sample 31P NMR spectrum of U. imbecillis glochidia. Peak identities are (1)
monophosphates, (2) inorganic phosphate, (3,4) γ-ATP/β-ATP, (5,6) α-ATP/α-ADP, (7) β-ATP.
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The two adenosine diphosphate (ADP) peaks have very similar chemicals shifts to the
ATP peaks, and are thus are typically indistinguishable from the ATP peaks. There is always an
observable peak on the right (upfield) shoulder of the α-, γ-ATP peaks, but usually the height of
that shoulder peak is not greater than the noise. There are two additional small peaks; one
adjacent to the right of the Pi peak and the other is directly to the right of the γ-ATP peak.
Usually they do overlap, similar to the ADP peaks, and thus are not easily resolved.
5.3.1

Method Development
Although 31P NMR has been used on many different systems before, to date there have

been no publications where it was applied to glochidia. For this reason, some method
development was required. Initial time-lapsed results indicated that there are two observable
changes within the spectra over time: peak area and peak shift.
Samples were first tested in both 5 mm and 10 mm diameter NMR tubes. The signal-tonoise ratio was much higher when using the 10 mm tube, as expected. Larger tube sizes (e.g., 20
mm) would have yielded even a higher S/N, however, the increase in required sample volume,
from 2.5-4 cc to about 20 cc, could not be met easily due to limited sample quantities. Thus, all
studies carried out in this chapter were conducted using 10 mm tubes.
Although most studies were conducted on mature glochidia, a different larval stage was
also tested in order to determine whether or not any response could be observed using 31P NMR.
Upon testing the early egg stage, however, the NMR results had very low signal-to-noise, most
likely due to the lack of movement of early stage glochidia as well as the larger volume of the
egg meant that the glochidia count per volume unit in the tube was decreased, which effectively
lowered the sample concentration.
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Initially, viability measurements were only taken at the beginning of the experiment to
determine the usability of the sample. Later, viability was also measured at the end to compare
with the NMR results. Error bars on the viability results represent one standard error.
NMR experiments were conducted at several different temperatures (5, 10, 15, 20 °C) in
order to determine the optimal temperature to carry out the studies at. The overall goal was to
determine which temperature would keep the glochidia in as unchanged a state as possible over
the course of the 21-hour experiment. Warmer temperatures would allow the glochidia to remain
kinetically active and consume all oxygen in the limited sample volume thus resulting in
organism death and decay, while colder temperatures would potentially either kill the organism
or reduce the toxic response to a cellular pathway. Lack of oxygen can result in hypoxia and
anoxia. Optimal temperatures for glochidial growth in the environment are at 16-18 °C 3,
although studies have been done at 5 °C with little loss in mortality18. Time-based 31P NMR
results indicated that glochidia rapidly decayed at temperatures at and above 15°C in pure H2O in
an NMR tube.
Initially, the samples were run unlocked, as the pollutant-containing solutions did not
contain D2O. There was often a large downfield shift in all of the peaks, which was initially
attributed to changes in pH or ionic strength in the cellular environment. However, when a sealed
internal reference capillary of MDPA alone was used, it was noticed that that peak also shifted
by large amounts, which meant that the downfield drift was most likely due to the lack of a lock.
For this reason, a reusable MDPA/D2O capillary was used instead to avoid consuming large
amounts of D2O.
Later experiments also incorporated in the use of a control and pH measurements. The
use of a control validated that any loss in viability that occurred in the glochidia NMR sample
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was due to an interaction with the pollutant, and not due to temperature, lack of oxygen, or the
general poor health of glochidia. The pH was monitored to determine whether or not any cellular
pH changes would also be evident in the solution surrounding the larvae.
Finally, standards were tested to validate the 31P NMR peak identities, although the
standard cellular 31P NMR peaks have already been identified for a number of organisms. Based
on chemical shifts, the main five observable peaks were expected to be the three ATP peaks, an
inorganic phosphate peak, and a mono-phosphoester peak, which the latter was predicted to be
due mainly to sugar phosphates.
5.3.2

NMR Results with Varying Water Hardness
Basic biological viability studies were conducted on glochidia using water of varying

degrees of hardness, or different ionic strengths, at 5°C. The graphed results can be found in
Figure 5.2.

Very hard water
Hard water
Pure water
0%

10%

20%
30%
Percent Mortality

40%

Figure 5.2 Viability differences of U. imbecillis glochidia at 5 °C. Ionic strengths for hard water
and very hard water are 8.5 mM and 15 mM, respectively.
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There was no significant difference in terms of the change in biological viability with
respect to the degree of water hardness, excepting that very hard water induced higher mortality
than hard water. However, pure water was not statistically different than either level of water
hardness. The average represents 6 experiments for pure water, and 2 experiments each for hard
and very hard water.
These results were not typical of previous studies on glochidia. Increased ionic strength
typically has typically been the benchmark toxicant to determine biological viability1. These
results indicate that either this glochidia species has less sensitivity to small changes in ionic
strength, or that this test is not reproducible.
In addition, NMR experiments were used to monitor the response of the glochidia in the
presence of the same three different levels of water hardness. Two NMR results, the chemical
shift of the Pi peak and the overall trends of the peak areas for the sugar phosphates and Pi peaks,
were compared in order to determine which was more representative of the actual response of the
larvae to the test solution environment.
Data for the change in chemical shift of the Pi peak for the water hardness studies is not
listed due to the inconsistencies of variable and large changes in chemical shift, on the order of
about 1-3 ppm. The reason for these inconsistencies, as mentioned above, was later determined
to be due to the absence of D2O. In addition, it was due to these large changes in chemical shifts
that each spectrum had to be manually integrated in order to determine the overall trend of peak
area changes. This introduced another form of error into these results. For example, the timelapsed data in Figure 5.3 shows very little spectral shift over the course of time; however, Figure
5.4 shows the large downfield chemical shifts over time. Another noticeable difference between
the two sets of spectra is the signal-to-noise ratio. This is attributed to the significant difference
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in the initial viability of the sample – the viability for the sample in Figure 5.4 was about half
that of the sample in Figure 5.3. This comparison demonstrated that biological viability may be
related to 31P NMR signal intensity.

Figure 5.3 Stacked selected NMR spectra for an U. imbecillis glochidia sample in pure water at
5 °C; each line represents 1.8 h at the time points of (going from bottom to top): 3.5 h, 7.1 h,
10.6 h, 14.1 h, 17.7 h, and 21.2 h
Peak area changes were initially determined by calculating the difference in the peak
areas between the first and the last spectra. However, there was fluctuation in the relative peak
areas over time (see Figure 5.5) that was attributed both to peak variations from noise as well as
variation due to manual integration. Instead, the slope of fitted line was used to measure the
overall trend of the area change – positive or negative – over time. Error bars on the peak area
changes represent one standard error.
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Figure 5.4 Stacked selected NMR spectra of an U. imbecillis glochidia sample in very hard
water at 5 °C; each line represents 1.8 h at the time points of (going from bottom to top): 3.5h,
7.1h, 10.6 h, 14.1 h, 17.7 and 21.2 h
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Figure 5.5 Change in 31P NMR peak area over time for U. imbecillis glochidia (data is the same
experiment as in Figure 5.4)
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From Figure 5.5 above, the most noticeable changes were for the sugar phosphate and Pi
peaks, not the ATP peaks, for glochidia in very hard water. This was a trend that was observed
for the majority of the NMR experiments conducted. The reason for this may be that the toxicant
levels are not high enough for complete organism death (complete loss of ATP). Instead, what is
observed is the cellular metabolic system under stress, where, in order to maintain consistent
levels of ATP, cells are continually breaking down their energy reserves. If the consumption of
ATP is high enough while the cells are stressed, the concentration of the byproduct Pi may
increase.
The results for the change in area for the Pi peak also largely did not follow any particular
trend, which was similar to the biological viability results. There was a potentially greater
difference for the higher ionic strength sample, or very hard water, which would indicate that a
higher ionic strength induced a greater change to the Pi concentration than either of the other two
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Figure 5.6 Pi peak area response for U. imbecillis glochidia in varying water hardness conditions.
Ionic strengths for hard water and very hard water are 8.5 mM and 15 mM, respectively (units:
percent area change per hour).
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Figure 5.7 Sugar phosphate peak area response for U. imbecillis glochidia in varying water
hardness conditions. Ionic strengths for hard water and very hard water are 8.5 mM and 15 mM,
respectively (units: percent area change per hour).
For the water hardness studies, there does not appear to be an overlying trend for the
change in percent area for the sugar phosphate peak. However, this is the third set of results
where the average for the pure water result is between the hard and very hard water results, and
where the hard water result is the smallest value and the very hard water result is the largest
value. The lower mortality of the hard water sample corresponded to a smaller increase in the Pi
peak and a larger decrease of the sugar phosphate peak.
5.3.3

NMR Results with Pesticides
In order to determine if the 31P NMR analysis could detect the effects of pollutants upon

glochidia, two organic pollutants were first tested with glochidia using biological viability tests.
The organic pollutants were pesticides: the herbicide atrazine, which is frequently present in
many freshwater systems and the insecticide dimethoate, both of which are known to be toxic to
other freshwater mussel species2a, 2b,19. It is clear from the biological viability results in Figure
5.8 that atrazine was much more toxic than dimethoate. The toxicity response for dimethoate did
not follow a trend with respect to concentration, but the toxicity response for atrazine appeared to
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follow a slight trend except for the 1.2µM sample. The percent mortality induced by 2.3 µM
atrazine was much greater that of 95 µM dimethoate, but greater concentrations of dimethoate
did not result in increased toxicity, suggesting there was a limit to the toxic response imposed by
dimethoate. As the response to atrazine did have a slight linear relationship between
concentration and toxicity, atrazine was used for subsequent NMR studies.

0.7 µM atrazine
1.2 µM atrazine
2.3 µM atrazine
4.6 uM atrazine
95 µM dimethoate
237 µM dimethoate
475 µM dimethoate
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40%
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80%
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Figure 5.8 Biological viability results for U. imbecillis glochidia in response to various
concentrations of dimethoate and atrazine
Inorganic phosphate is sensitive to different changes in the cellular environment, and so
changes in the chemical shift of the Pi peak were studied and compared for two concentrations of
atrazine. The changes for diuron were not measured since there was spectral drift for those
samples. The change in chemical shift was significantly larger for the 1.2 µM concentration
compared to the 0.7 µM concentration. This potentially corresponds to a greater response at the
higher concentration of atrazine. This trend matches the biological viability results for glochidia
at the same concentrations. For a reference value, there was a slight downfield change in the
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chemical shift for a glochidia sample in pure water conditions at 5 °C (+0.005 ppm). As these
results are significantly different from that, it can be suggested that monitoring changes in the Pi

Change in Chemical Shift
(ppm/h)

peak shift is a way to study the real-time effects of a pollutant, such as an organic pesticide.
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Figure 5.9 Change in the Pi peak chemical shift for U. imbecillis glochidia in different atrazine
solutions at 5 °C
As mentioned before, the Pi peak chemical shift is sensitive to many things, such as pH,
ionic strength, and complexation, which can change during cell stress and cell death. During cell
death, many normal cellular functions stop, including the cell’s ability to control ionic strength
and regulate pH. With the inability to control the flow of ions, including H+, ions will easily
travel in and out of the cell and the pH and ionic strength of the dying cell will be identical to the
external pH and ionic strength. This change will affect the chemical shift of the Pi peak. The
change in pH for the external test solution environment was measured before and after the
experiment to determine if it had changed. It must be noted that the accuracy of this pH
measurement was low and at best could only be measured in 0.1 increments. This pH change was
compared with the potential cell pH change from the NMR peak shift in order to determine if it
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was related to the processes of glochidial cell stress or death. In order to determine the potential
internal cell pH change based on the chemical shift change for the Pi peak, the pH was calibrated
to chemical shift using a series of NaH2PO4/Na2HPO4 buffer solutions.
The results for changes in the cell’s internal pH for two different concentrations of
atrazine are in Figure 5.10. The changes in solution pH for the two atrazine concentrations are
the same and had no error for replicate experiments. The potential changes in internal cell pH as
measured by the Pi NMR chemical shift change are significantly different for the two
concentrations of atrazine. This difference, which is derived from the chemical shift change,
parallels the difference observed between 0.7 and 1.2 µM atrazine in Figure 5.9 above; the
viability results appear to have a slightly greater toxicity for 1.2 µM versus 0.7 µM atrazine.
These pH results do not compare to the NMR peak area results where the changes in peak area
induced by 0.7 µM atrazine were much greater than at 1.2 µM atrazine. The magnitude of the pH
change is similar for the solution pH and the intracellular pH measured by NMR at 0.7 µM
atrazine (but opposite), but not at 1.2 µM atrazine. These results may not indicate a clear trend
between solution pH and Pi chemical shift. Since the chemical shift is affected by factors outside
of pH, and since the solution pH was determined by direct pH measurement, it is possible that
the large difference at 1.2 µM atrazine is indicative of other intracellular changes that occurred.
A change in pH is the more logical explanation, as changes in the Pi peak chemical shift have
been attributed to pH changes in many studies20,21,22,23,24. However, changes in the Pi chemical
shift can also be caused by changes in ionic strength25. Changes in the intracellular ionic strength
may be caused by many factors, such as a loss in the regulation of intracellular Na+ and K+
(membrane protein Na+/K+ pump). Ionic strength is also affected by cell volume, which shrinks
upon cell death26.
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Figure 5.10 Comparison between external solution pH change and potential internal cell pH
change for U. imbecillis glochidia in atrazine solutions.
The effect of atrazine was tested upon the relative changes in phosphate metabolite
concentrations using peak area changes in 31P NMR. Diuron was also tested as a potentially nontoxic control, as its toxicity has not yet been studied with mussels. Changes in metabolite
concentration were not generally significant for metabolites outside of sugar phosphates and Pi.
In addition, these two metabolites generally had an inversely proportional relationship where the
Pi peak would increase and the sugar phosphate peak decreased. The first change was attributed
to the generation of the Pi byproduct during ATP hydrolysis; the second was potentially related
to the consumption of sugar phosphate to generate more ATP.
The data for the Pi and sugar phosphate peak changes are given in Figure 5.11 and Figure
5.12 for glochidia for the two pesticides, diuron and atrazine, at two different concentrations.
There was no significant difference between the concentrations of diuron for the Pi peak change,
but there was a greater consumption of sugar phosphates for glochidia at the 21.5 µM
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concentration of diuron compared to 10.7 µM. This suggests that the sugar phosphate peak may
be more responsive to an increase in organic pollutant concentration. For atrazine, however, the
percent changes for both the Pi and sugar phosphate peak areas were greater for the lower
concentration 0.7 µM sample. This trend is not clear since it does not match the results for
change in viability. It is possible, however, that these results may be due to unexpected cellular
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Figure 5.11 Change in the relative percent area for the Pi peak for U. imbecillis glochidia in
different pesticide solutions at 5 °C
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Figure 5.12 Change in the relative percent area for the sugar phosphate peak for U. imbecillis
glochidia in different pesticide solutions at 5 °C
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In general, the response to atrazine by glochidia presented some interesting results. The
results for atrazine were comparable between the biological viability tests and Pi peak chemical
shift results. Although the NMR peak area results did not show the anticipated trend for the
atrazine samples, this could be due to unknown cellular responses unique to atrazine. The NMR
peak area results did show the expected trend for the diuron samples, again suggesting that these
results may be relative to the pollutant tested. The small difference in the biological viability
tests for the two concentrations in atrazine were also reflected in the change in the chemical peak
shift, which was potentially due to changes in the cellular environment, such pH or ionic strength
or their combination, that were caused by the presence of atrazine. The NMR results may be
revealing more about internal cellular changes than the comparably crude viability tests are
capable of detecting, hence these 31P NMR studies deserve a more lengthy and focused study
than what was possible for this dissertation.
5.3.4

NMR Results with Nanoparticles
Studies were also conducted with nanoparticles (Ag NPs) as an inorganic pollutant. Gold

nanoparticles (Au NPs) were used as a nanoparticle control as gold is chemically inert, and so
Au NPs could be used to determine if the nanoparticle shape and size itself induced any toxicity.
Sublethal stress has been observed for multicellular organisms: two invertebrates – a nematode
and an adult blue mussel – as well as the vertebrate zebrafish embryos27,28,29.
Biological viability tests were carried out at two temperatures: 5 and 10 °C. The viability
results for Au NPs and various concentrations of Ag NPs can be found in Figure 5.13. The
overall trend for Ag NPs at 10 °C is an increased toxicity response to increasing concentrations
of Ag NPs, and these results are statistically significant between 4.6 and 32.4 µM Ag NPs. Also
at 10 °C, 34.4 µM Au NPs were much less toxic than the corresponding 32.4 µM Ag NPs, and
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had a statistically similar response to a lower concentration of 4.6 µM Ag NPs. The significantly
lower percent mortality for the pure water control demonstrates that both the NPs solutions are
inducing toxicity (at 5 °C). The results at 5 °C did suggest that the Au NPs were more toxic than
Ag NPs.

62.5 µM Ag NPs
32.4 µM Ag NPs
4.6 µM Ag NPs
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34.4 µM Au NPs
Pure water
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40%
60%
Percent Mortality

80%
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Figure 5.13 Biological viability results for U. imbecillis glochidia when in the presence of
nanoparticles at two temperatures: 5 and 10 °C
The biological viability results were compared with the two direct types of NMR results,
the change in chemical shift of the Pi peak and the changes in peak areas for the sugar phosphate
and Pi peaks. Both of these studies were conducted at two different temperatures, 5 and 10 °C.
This was done to verify that the 5 °C temperature actually resulted in lower toxic responses,
which would demonstrate that the cellular toxic responses were slower.
The change in chemical shift for the Pi peak alone was studied since Pi is distributed all
throughout the cell, and gives a better average of the changes in the condition of the cells, being
sensitive to many things including pH, ionic strength, complexing, etc.30,25. The results for these
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changes with respect to time are found in Figure 5.14. For a reference value, there was a slight
downfield change in the chemical shift for a glochidia sample in pure water conditions at 5 °C
(+0.005 ppm). The chemical shift change induced by 34.4 µM gold NPs at 10 °C was not
significantly different than the result for 4.6 µM silver NPs at the same temperature, which was
also found with the biological viability tests for the same two solutions. Another chemical shift
change that was similar to the percent mortality at 10 °C was that the size of the response
significantly increased when the concentration of Ag NPs was increased. Silver NPs had a bigger
change in chemical shift than Au NPs also at 5 °C, however, this result is the opposite of the
biological viability results at 5 °C. Overall, the results at 5 °C appeared to possibly have a
smaller change in chemical shift than those at 10 °C. Like the chemical shift results found for the
pesticide studies, these results again may indicate that monitoring the chemical shift of the Pi
peak is a method to observe the real-time toxic response of glochidia, and may be more
indicative of subtle responses to toxicants than viability testing.
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Figure 5.14 Chemical shift changes of the Pi peak for U. imbecillis glochidia in the presence of
two nanoparticles at two temperatures: 5 and 10 °C
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The chemical shift of the Pi peak is directly proportional to the pH of a phosphate buffer
system. If the change in chemical shift for the Pi peak for the NPs studies indeed reflected a
change in pH inside the cells, these results indicate that when glochidia are in contact with NPs,
their cells become more acidic, as an upfield shift correlates to a decrease in pH. Acidic pH shifts
have been noted previously for aquatic organisms while in an anoxic state, which may be
attributed to a higher consumption of ATP (hydrolysis generates H+), or possibly produced by
the cell as a signal to down-regulate various cellular activities31.
Similar to the pesticide studies, the pH of the test solution was tested before and after the
NMR experiment and compared to chemical shift change of the Pi peak during the NMR
experiment. The chemical shift change of the Pi peak was converted into pH units using the
above-discussed calibration in order to determine the potential change in pH that occurred
intracellularly. The results demonstrate that the change in pH of the test solution environment
was greater for the higher concentration of Ag NPs (Figure 5.15).
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-0.1

pH (NMR)

-0.3
-0.5
4.6 µM Ag NPs

32.4 µM Ag NPs

Figure 5.15 Comparison between external solution pH changes and potential internal cell pH
changes for U. imbecillis glochidia in Ag NPs solutions at 10 °C
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The average pH change according to the NMR result followed a similar trend, however,
there was no statistical difference between the two test solution environments. As discussed
above for the Pi peak chemical shift changes with atrazine, the chemical shift can reflect other
changes outside of pH, such as ionic strength. This may explain why the theoretical intracellular
pH change is not the same magnitude as the solution pH change.
The relative NMR peak area changes were used to determine whether the response of the
organism to the NPs pollutant could be monitored through observing changes in the phosphate
metabolites. The only observed significant changes in percent peak area were for the sugar
phosphate and Pi peaks. The production of Pi occurs upon the consumption of ATP, and so
monitoring the increase of the Pi peak indirectly measured the consumption of ATP. The Pi area
changes at 10 °C did not follow the corresponding biological viability trends at 10 °C (Figure
5.16). At 5 °C, the increase in Pi peak area for the Au NPs sample was similar to the result at the
same concentration of Ag NPs. For a comparison, the relative change in peak area for a pure
water sample at 5 °C was averaged at 0.29% per hour (see Figure 5.6). The large variability in
the Pi response may reflect either the variability in the health of the sample (which biological
viability cannot assess) or the variability in manually integrating each peak. Since the effects of
Ag NPs and Au NPs upon glochidia have yet to be investigated, the response of glochidia is
unknown. It is possible that these metal NPs may not affect ATP metabolism.
Changes in the relative peak area for the sugar phosphate peak also did not follow the
expected trends (Figure 5.17). These results may require additional studies to interpret them
properly. Although the loss of sugar phosphates for glochidia increased with decreasing Ag NPs
concentration at 10 °C, which was not the expected trend, this may be indicative of cell death
due to the higher concentrations of Ag NPs as dying cells would not have normal cell processes
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like glycolysis. Certainly, the biological viability results point to high mortality at 32.4 and 62.5
µM Ag NPs. At 5 °C, the decrease in the sugar phosphate peak for Au NPs is much greater than
that of the corresponding concentration of Ag NPs, which matches the biological viability studies
at the same temperature where the response to Au NPs was greater than Ag NPs. For comparison,
the loss of the sugar phosphate peak for glochidia in pure water at 5 °C was 0.1% per hour,
which was in general lower than these results for NPs solutions. This may indicate that this peak
may be useful to visualize intracellular concentration changes that occur in the presence of a
metal NPs solution. Finally, results for the two Ag NPs samples indicate that less consumption of
sugar phosphates occurred at 5 °C compared to 10 °C, thus again suggesting the increased
organism stability at 5 °C.
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Figure 5.16 Change in percent relative peak area for the Pi NMR peak for U. imbecillis glochidia
in various NPs solutions
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Figure 5.17 Change in percent relative peak area for the sugar phosphate NMR peak for U.
imbecillis glochidia in various NPs solutions
Overall, inorganic nanoparticles were shown to be toxic to glochidia. Au NPs had a lower
toxic response than Ag NPs, but Au NPs were still slightly toxic. This may indicate that the
toxicity of nanoparticles to glochidia is not only due to metal composition, but also due to the
nanoparticle size and shape. The toxicity of Au NPs has been noted before in a study with the
adult M. edulis mussel where it had a minor impact on the digestive glands28. The effects of Ag
NPs have been studied for the same species of adult mussel32. That study demonstrated the
accumulation of Ag NPs into the mussel digestive organs and subsequent complexation and
incorporation into the shells. The work presented here expands on that study as the toxicity of
inorganic nanoparticles was demonstrated both through biological viability results and through
the NMR chemical shift results for Pi, similar to the pesticide studies. These results are well
matched at both 5 and 10 °C, with the exception of the Au NPs results at 5 °C. In addition, the
pH comparison results demonstrate a clearer trend for the Ag NPs tests compared to the pesticide
atrazine tests.
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5.3.5

Effect of NOM on Toxicity and NMR Results
Natural organic matter is known to interact with and bind many things, from nutrients to

organic pollutants to metals33. It also has been shown to interact with membranes of aquatic
organisms, particularly at acidic pH levels34,35,39. Since the mussel’s habitat places them (and
their larvae) in very close proximity to NOM, the effects of NOM on the toxicity of pollutants,
such as higher ionic strength water and silver NPs, were examined using 31P NMR.
The changes in percent peak area were measured again for the Pi and sugar phosphate
peaks again for the cell response to high ionic strength conditions with NOM. The results for the
Pi peak indicate that the production of Pi is significantly decreased when in the presence of NOM,
which may correspond to the decreased consumption of ATP (Figure 5.18). In addition, the
production of Pi is significantly decreased again when the concentration of NOM is increased
from 5 to 15 mg/L NOM. The control pure water reference had a change of 0.29%/h. This may
indicate that NOM protects the glochidia from stress induced by high ionic strength waters. The
sugar phosphate changes in peak area follow the opposite trend, however. The addition of NOM
seems to increase the consumption of sugar phosphates, which indicates an increased
requirement for energy; however, the amount of change in the sugar phosphate area over time is
much less than the area changes for the P; peak, so overall the sugar phosphate peak area did not
greatly change (Figure 5.19). These overall results are consistent with the previously discussed
water hardness studies, where the changes in peak area for the Pi peak followed the expected
trend and the trend suggested by the changes in the sugar phosphate peak could not be explained
and requires further study.
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Figure 5.18 Changes in relative percent area for the Pi peak for U. imbecillis glochidia in very
hard water at varying levels of NOM at 5 °C
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Figure 5.19 Changes in relative percent area for the sugar phosphate peak for U. imbecillis
glochidia in very hard water at varying levels of NOM at 5 °C
NOM was also studied with Ag NPs, which had demonstrated consistent and predictable
trends for biological viability studies, Pi NMR peak shifts, and pH evaluations at 10 °C. The
biological viability tests again showed a fairly consistent trend with the addition of NOM. In
general, the toxicity of Ag NPs was reduced in the presence of 15 mg/L NOM. Ag NPs toxicity
is not completely eliminated since the percent mortality for experiments containing NOM are not
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as low as for pure water. Whenever the experiments were repeated at 10 °C, the difference
between the samples which contained Ag NPs alone and the sample which contained Ag NPs
and NOM was not usually significant. Since the general trend is that there was lower mortality in
the presence of NOM, NOM may potentially reduce Ag NPs toxicity (Figure 5.20).
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Figure 5.20 Biological viability test results for U. imbecillis glochidia in different concentrations
of Ag NPs in the absence and presence of NOM at 5 and 10 °C
These samples were again studied using Pi chemical shift changes and NMR peak area
changes. No results could be obtained for the highest concentration of Ag NPs (62.5 µM) at
10 °C due to the resulting high mortality and subsequent complete lack of phosphate metabolite
NMR signals.
The NMR results for the changes in Pi chemical shift were studied and compared to the
biological viability tests. The changes at 62.5 µM at 5 °C were not measured since there were
large amounts of spectral drift for those samples. At concentrations lower than 10 µM Ag NPs,
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the chemical shift change was greater when NOM was added, however, the concentration of Ag
NPs was also slightly higher (4.6 to 7.4 µM; see Figure 5.21). However, for both 5 and 10 °C at
32.4 µM Ag NPs, the addition of NOM decreased the change in chemical peak shift, which
indicates less of a change inside the cell, whether in pH or ionic strength. NOM has been shown
to bind Ag NPs, and so this matches the expectation that NOM potentially reduced the amount of
environmental stress upon the glochidia as suggested by the reduced change in the Pi peak shift.
This is similar to the biological viability tests for 32.4 µM Ag NPs. NOM at this concentration
did not appear to completely eliminate Ag NPs toxicity since the pure water control had a
positive peak shift of +0.005 ppm/h. This result is also similar to biological viability tests. Again,
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the change in the Pi NMR peak shift appears to offer a reasonable indicator of Ag NPs toxicity.
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Figure 5.21 Changes in the Pi NMR chemical shift for U. imbecillis glochidia in different
concentrations of Ag NPs in the absence and presence of NOM at 5 and 10 °C

Like the percent area changes for the nanoparticle studies discussed earlier, the results for
the Pi and sugar phosphate peak do not indicate any trends. The production of Pi is greater in the
presence of NOM for almost all samples except for the 62.5 µM samples at 5 °C (Figure 5.22).
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Figure 5.22 Changes in the Pi NMR relative peak area for U. imbecillis glochidia in different
concentrations of Ag NPs in the absence and presence of NOM at 5 and 10 °C
Again, for comparison, the loss of the sugar phosphate peak for glochidia in pure water at
5 °C was 0.1% per hour, which is similar to many of the results in Figure 5.19, especially those
at 5 °C (Figure 5.23). This again suggests that the toxic effects of Ag NPs may not be easy to
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Figure 5.23 Changes in the sugar phosphate NMR relative peak area for U. imbecillis glochidia
in different concentrations of Ag NPs in the absence and presence of NOM at 5 and 10 °C
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As discussed above, the overall decreased changes at higher concentrations of Ag NPs
may be due to cell death or down-regulation. Again, since the effect of metal nanoparticles upon
glochidia has hitherto not been studied, let alone considering environmentally-relevant
conditions with NOM, it is difficult to determine what the cellular response(s) would be to this
pollutant.
NOM appeared to partially protect glochidia from increases in ionic strength (i.e., very
hard water) and inorganic NPs. A somewhat comparable toxicology study done by Wang and
coworkers using copper indicated that dissolved organic carbon in natural waters increased the
effective concentration threshold to juvenile Lampsilis siliquoidea mussels36. Similar to the water
hardness studies presented in this chapter, the effects of NOM on glochidia were seen through
biological viability tests, NMR peak area changes for Pi, and NMR chemical shift changes for Pi.
Similar to the inorganic nanoparticle studies, these results were demonstrated by both biological
viability tests and the Pi chemical shift values at both 5 and 10 °C, but the NMR peak areas did
not demonstrate any explainable trend. The only samples for which the Pi peak area changes
matched expected trends were in the water hardness studies, both with and without NOM. A
possible explanation for this is the lack of complexity of the solution – higher ionic strength
conditions are expected to cause a glochidial response. The only samples for which viability tests
and Pi chemical shift results did not match as well as when the concentration of Ag NPs was less
than 10 µM. Overall, the Pi chemical shift changes appeared to be able to account for the reduced
toxicity that was due to NOM.
5.4

Environmental Significance
The results of the biological viability tests as well as the Pi chemical shift changes both

indicate that NOM may serve as a sort of protector for inorganic salts and nanoparticles. The
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protecting role of NOM may be more significant at Ag NPs concentrations in the nM range. The
concentrations that Ag NPs are expected to be at in freshwater ecosystems is in the low nM
range37, thus given the possibly elevated concentrations of NOM close to the sediment in the
bethic zones that form mussel habitats, it is possible that NOM may protect from anthropogenic
Ag NPs pollution. However, since mussels are filter feeders and thus have a greater potential
contact with pollutants in their surrounding environments, long-term exposure to Ag NPs may
not be ameliorated by NOM and may also result in bioaccumulation.
5.5

Conclusion
The studies presented in this chapter demonstrate that in vivo 31P NMR can be used, for

the first time, to noninvasively monitor glochidia. Overall, the application of 31P NMR to
environmental toxicology studies demonstrated that this technique does correlate with the
standard biological viability tests (for the Pi chemical peak shift results) and indicated that
further investigations with this technique may provide useful information in elucidating toxicity
mechanisms.
The matching trends for the Pi peak shift data and viability tests show that in vivo 31P
NMR can be a precise tool in studying toxicology, which opens a window into more
sophisticated environmental modeling studies, including perfusion, given the ability of NMR to
be sensitive to subtle intracellular changes and its ability to monitor these changes in real time
(toxicokinetics) non-invasively. The NMR chemical shift changes for the Pi peak matched the
biological viability test results well for a variety of toxicants – high ionic strength waters, the
organic pollutant atrazine, inorganic nanoparticles and the impact of a secondary environmental
component – NOM. In addition, some results indicated that the change in chemical shift may be
related to pH changes, but there is also the possibility these changes are due to ionic strength.
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These studies should be investigated more carefully as they may provide insight with regards to
the cellular processes, such as the potential for downregulation, that occur during the response to
a pollutant.
Since most pollutant-containing samples exhibited the overall expected trends of a
decrease in the Pi peak area and an increase in the sugar phosphate peak area in response to a
toxicant, this validates the peak area studies and suggests that with careful and more focused
investigations, the magnitude of the peak area changes will become easier to interpret. In
addition, it is interesting the main changes in peak area were not the ATP metabolites, but the
sugar phosphate and Pi metabolites. This may be due to the lower development stage of glochidia
and its higher sensitivity to environmental stressors, and it may also be a species-specific
response31. These trends are similar to several other in vivo experiments for algae, abalone, and
fish embryos, as mentioned in the introduction13,10-11,38. The results presented in this chapter
indicate the value of further developing the in vivo 31P NMR technique in measuring
environmental toxicological responses.
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CHAPTER 6. CONCLUSIONS

The overall goal of this project was to measure the response of two aquatic organisms at
different trophic levels to several pollutants in an environmentally-relevant model system that
included natural organic matter (NOM). In addition to this, two-pollutant systems were tested
with the goal of determining if there was a synergistic relationship present between the pollutants
in terms of toxicity to the aquatic organism. Also, the role of different chemical moieties of
NOM upon the pollutant-organism interaction was determined by using chemically edited NOM.
Finally, the goal was to develop a secondary technique (31P NMR) to measure the real-time
response to a pollutant.
6.1

Responses to Nanomaterial Pollutants
The investigations presented in this dissertation are studies of the responses to two types

of nanomaterials: inorganic and organic, which are among the most recent of many aquatic
pollutants. For the inorganic nanomaterial, silver and gold nanoparticles were studied on two
aquatic organisms at different trophic levels. Gold NPs were also tested to determine if the
toxicity was related to metal composition or the NPs shape and size. Silver NPs (PVA-capped)
were found to be toxic to both species, where 0.044 µM Ag NPs were found to greatly reduce the
growth rate for the unicellular cyanobacteria Synechocystis (Chapter 2) and 32.4 µM Ag NPs
induced high mortality for the multicellular mussel larvae of Utterbackia imbecillis (Chapter 5).
Controls ensured minimal dissolution of the Ag NPs, indicating that the toxic response was
directly due to the Ag NPs. On the other hand, gold NPs had a mixed response, where they were
found to be completely nontoxic to the cyanobacteria, but were at least partially toxic to mussel
larvae. These results suggest a similarity in the toxicity response to Ag NPs for both organisms.
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The difference in the response to Au NPs suggests that the Au NPs were nontoxic to the
cyanobacteria since they could not pass into the cell, but that the Au NPs somehow physically
interacted with the mussel larvae, possibly through uptake. This can be measured microscopy
imaging.
The organic nanomaterial, carbon nanotubes, was also tested for toxicity (Chapter 4).
Here, different levels of sonication were studied due to its use in toxicology literature1,2,3,4,5. The
effects of sonication, for two different lengths of time, directly affected the cyanobacterialMWCNTs interaction and subsequently its toxicity. Cyanobacteria were affected by shading at
higher concentrations of non-sonicated MWCNTs, but lower concentrations of non-sonicated
MWCNTs were not found to be directly toxic to cyanobacteria. At the lower MWCNTs
concentrations, however, the MWCNTs toxicity to cyanobacteria increased as sonication time
increased. Sonication potentially decreases CNTs size and oxidizes the CNTs surface6,7, and so it
is possible that either of these effects rendered MWCNTs more toxic to cyanobacteria.
Overall, these results indicate that the toxicity of nanomaterials is related to the
nanomaterial composition (inorganic vs. organic). It is also potentially related to the size and/or
surface chemistry of the nanomaterial. Finally, toxicity is respective to different organisms.
6.2

Role of Natural Organic Matter on Pollutant Toxicity
In order for a study to be environmentally relevant, the omnipresent NOM must be

included due to the many roles it plays in non-polluted as well as its additional interactions with
pollutants. For mussel larvae, NOM reduced the toxicity of high ionic strength conditions as well
as reducing the toxicity of Ag NPs. For cyanobacteria, NOM was shown to have no significant
effect on the toxicity of the organic pesticide pollutant norflurazon, no effect on the toxicity of
gold NPs, nor did it affect the toxicity of non-sonicated or sonicated MWCNTs much. However,
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NOM greatly reduced the toxicity of Ag NPs (PVA-capped) to cyanobacteria, potentially
through binding of the Ag NPs. In addition, the effect of the Ag NPs synthesis method as well as
the capping agent was tested by both synthesizing Ag NPs and capping them with NOM. For the
NOM-capped Ag NPs, there was no toxic response of the cyanobacteria.
The role of NOM in inhibiting the toxicity of Ag NPs was investigated further in Chapter
2 using chemically edited NOM to determine which chemical moiety in NOM was responsible
for the toxicity inhibition. These results are of interest due to the variability in NOM composition
in different environments. NOM was chemically edited (or modified) in order to remove
different chemical groups; namely, aliphatic, carbohydrate, and aromatic molecules. Although all
components of NOM inhibited Ag NPs toxicity, the aromatic/carbohydrate-concentrated NOM
resulted in the greatest inhibition of toxicity. Also, it was found that the aromatic/lipidconcentrated NOM decreased the toxicity of norflurazon while the aromatic/carbohydrateconcentrated NOM increased the toxicity of NOM; thus these results indicated that the lipid
components of NOM affect the toxicity of the organic pesticide norflurazon. These results
compare to others in the literature8,9,10.
The overall results here appear to indicate that the interaction of NOM with pollutants is
different with respect to NOM chemical composition as well as pollutant composition. Given
that NOM may not significantly interact with the cell membranes at neutral pHs11 12, the results
here suggest that NOM inhibited the toxicity of some pollutants through direct interaction with
the pollutant.
6.3

Toxicity Effects of Multiple Pollutants
The complexity of a model aquatic environment is only increased when multiple

pollutants are included. Due to the difficultly of interpreting the results correctly, a systematic
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study was employed with sets of controls. The two-pollutant systems, studied with cyanobacteria,
included the following mixtures of inorganic-organic and organic-organic pollutants: Ag NPs
(PVA-capped) and norflurazon; Ag NPs (NOM-capped) and norflurazon; and MWCNTs and
norflurazon; with the intention of determining if a synergistic relationship existed. The toxicity
of Ag NPs (PVA-capped) and norflurazon combined was lower than each pollutant individually
(with NOM), but did not result in an observable synergetic relationship. This was also true of Ag
NPs (NOM-capped) and norflurazon, suggesting that the greater toxicity in the presence of the
two pollutants was mainly due to norflurazon, not to Ag NPs. However, when the concentration
of norflurazon reduced by 50%, and the toxicity due to the combination of Ag NPs (PVAcapped) and norflurazon (with NOM) was greater than sum of the toxicity of the two pollutants
individually, and so a synergetic relationship was observed.
In addition, potential synergetic relationships between the Ag NPs (PVA-capped) and
norflurazon were studied using edited NOMs. The carbohydrate/lipid-concentrated NOM
demonstrated a slight synergistic relationship, where the toxicity of the combined pesticides was
greater than the sum of the toxicities of the pesticides individually. This lead to the idea that the
aromatic groups potentially protected cyanobacteria from the combination of these two
pollutants.
The toxicity of the two organic pollutants, MWCNTs and norflurazon, was investigated
for different sonication levels and in the presence and absence of NOM. Norflurazon was toxic
but MWCNTs were not toxic to cyanobacteria. Norflurazon and MWCNTs exhibited no toxic
response due to the sorption of norflurazon by the MWCNTs. This result is similar to other
studies in the literature, which indicate that MWCNTs may have a positive effect on aquatic
ecosystems by serving as “scrubbers” and sorbing harmful pollutants13,14. A slightly toxic
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response was observed for the MWCNTs-norflurazon mixture with increasing sonication. The
presence of NOM did not change the lack of toxicity. However, harsh sonication of the
MWCNTs-norflurazon-NOM mixture resulted in the highest toxic response for a culture
containing MWCNTs. The sonication potentially caused the desorption of norflurazon from the
MWCNTs and increased norflurazon’s bioavailability since the resulting toxic response was
statistically similar to the response of a norflurazon-NOM culture. Although the MWCNTsnorflurazon study did not result in a synergistic relationship, it suggested different potential
MWCNTs-norflurazon interactions that are of great interest to environmental studies. Also, the
overall trends of increased toxicity results due to sonication are highly relevant to current
toxicology studies that may be measuring inaccurately high toxicities.
The results here illustrate the value of testing more than one pollutant since toxicity
responses are not always additive. In addition, these results indicate that pollutants may interact
with one another, thus the use of a systematic study is necessary in studying complex model
environments.
6.4

Use of in vivo 31P NMR to Measure Toxicological Response in Mussel Larvae
The use of in vivo 31P NMR spectroscopy was conducted with mussel larvae, for the first

time, as an improved toxicology technique to the current standard viability tests. The change in
the Pi peak chemical shift exhibited a clear relationship with the viability results, and is a
promising probe to measure early onset toxicological responses in mussel larvae, as well as realtime and continuous data measurements on the same sample. Data obtained from the 31P NMR
experiments was used to measure toxicological responses of mussel larvae to various pollutants,
demonstrating that in vivo 31P NMR is a valuable technique in determining the response of
mussel larvae to various pollutants. The ability of NMR to quickly measure sublethal stress is
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valuable for toxicology studies as it saves on time and sample consumption, and allows for more
sophisticated experiments. Owing to the current decline in freshwater mussel species, studies
upon mussel toxicology are highly relevant and necessary.
6.5

Future Research
The studies presented here using cyanobacteria investigated some potentially complex

systems through the systematic use of many layers of controls. Although the questions that this
research had set out to fulfill were answered, these intriguing results have raised many more
questions.
Additional investigations would be helpful in understanding some pollutant interactions
that were suggested by the results in this dissertation. In order to confirm the hypothesis that
norflurazon was sorbed by MWCNTs and was at least partially desorbed by sonicated MWCNTs,
HPLC-UV should be applied to measure the amounts sorbed. The studies with nanomaterials
should be probed further to determine toxicity mechanisms of nanomaterials. The toxicity of Ag
NPs may be due to several reasons, including either a direct interaction with the cell surface or
an internalization of Ag NPs. This mechanism may be elucidated using TEM imaging and
ultrafiltration techniques. TEM imaging may also help in understanding the toxicity mechanism
of Au NPs to glochidia. Non-sonicated CNTs are possibly too long to interact with cyanobacteria,
but the sonicated MWCNTs may be shorter and may interact with and disrupt cellular membrane
structure. Since previous work in the literature has indicated that CNTs interact with
exopolymeric substances on the cell surface, TEM images should be taken to determine why
sonication affected the toxicity of CNTs. The understanding of the interaction mechanisms will
further the knowledgebase on modern aquatic environments.
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Additional studies for edited NOM would allow for better understanding of the role of
NOM. There is the possibility that Ag NPs that are synthesized and capped with edited NOM
may show more clearly which NOM components are responsible for inhibiting Ag NPs toxicity.
Also, some results indicated that the edited NOM enhanced cyanobacterial growth, and so
additional controls should be tested using edited NOM without pollutants to confirm this
hypothesis.
The synergistic studies can also be expanded. Two different conditions demonstrated a
small synergetic response in the Ag NPs-norflurazon mixture; thus the effect of these two
(reduced norflurazon concentration and use of lipid/carbohydrate-concentrated NOM) should be
combined to see if the synergistic relationship still holds. The studies here have so far looked at
one model environmental scenarios, but there are more that should be studied, such as long term
pre-mixing of pollutants with NOM prior to interacting with the aquatic organism. In addition,
this systematic approach can be applied to study other synergetic relationships in mixed-pollutant
systems for other relevant pollutants, such as polyaromatic hydrocarbons, TiO2 nanoparticles,
fullerenes, etc. The pH that these studies were conducted at indicate that NOM had minimal
interaction with the cell membrane, and so more acidic pHs should be tested to determine if
NOM compromises the cell membrane in acidic environments.
The promising preliminary in vivo 31P NMR work done on mussel larvae will serve as a
basis for more sophisticated 31P NMR studies for determining the in situ response in
ecotoxicology studies. The use of the Pi chemical peak shift as an indicator of organism stress
should be combined with the application of a perfusion system to measure the immediate
response to a direct introduction of a pollutant after the baseline responses are assessed.
Perfusion will allow the direct visualization of the effect of NOM as well as the effect of a
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second pollutant. Perfusion will also be used to remove a pollutant from a system and which will
determine the reversibility of the toxic response. Finally, perfusion will decrease the likelihood
of the larvae entering into an anoxic state by adding oxygen to the system.
In addition to perfusion studies, the NMR technique can be expanded further. In-depth
investigations should be done to increase the amount of information obtained from 31P NMR
studies, such as determining how cellular responses correlate to the measured changes in peak
area and using changes in the chemical shift to understand changes in the cellular environment.
Correct interpretation of these results will allow 31P NMR to be applied to measuring cellular
responses such as anoxic stress conditions or down-regulation. Monitoring real-time changes in
actual cellular processes illustrates the value of the in vivo 31P NMR technique.
6.6
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